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C-C bonds are the basis for virtually all organic molecules on Earth. In nature, hundreds of 
different enzymes catalyze reactions in which C-C bonds are formed. A major task of these 
enzymes is the fixation of carbon, i.e. a C-C bond formation with at least one-carbon (C1) 
molecule. Most of these enzymes utilize electrophilic C1 species to fix carbon, while only very few 
use nucleophilic or radical C1 species. In this work the repertoire of enzymatic C-C bond formation 
was expanded by 4 new examples, 3 of which are based on a C1 nucleophile and one on a C1 
radical.  
The thiamine diphosphate (ThDP)-dependent enzyme oxalyl-CoA decarboxylase (OXC) 
generates a highly reactive carbanion/enamine intermediate that is protonated and released as 
formyl-CoA. Here it was shown that this intermediate can also undergo C-C bond formation with 
an electrophilic carbonyl center. This insight allowed to establish three novel C-C bond formation 
reactions. 
First, it was demonstrated that benzaldehyde serves as an excellent electrophile, giving rise to 
mandelyl-CoA. In combination with oxalyl-CoA synthetase and a thioesterase this enabled the 
one-pot synthesis of aromatic (S)-α-hydroxy acids with enantiomeric excess up to 99%.  
Second, it was found that OXC can also generate the carbanion/enamine intermediate from 
formyl-CoA. By coupling to exergonic reactions at high CO2 concentrations, OXC was shown to 
be reversible, that is, it can carboxylate formyl-CoA to oxalyl-CoA. 
Third, OXC was engineered to accept the C1 molecule formaldehyde as substrate, producing 
glycolyl-CoA. Through directed evolution the catalytic efficiency was improved by a factor of ~200 
and the resulting variant was successfully employed in a whole-cell biocatalyst for the production 
of glycolate from formaldehyde.  
The glycyl radical enzyme pyruvate formate-lyase (PFL) can abstract a hydrogen atom from 
formate, thereby generating a highly reactive formyl radical that undergoes C-C bond formation 
with an acetyl moiety stemming from acetyl-CoA. Here it was shown that PFL exhibits 
promiscuous activity with glycolyl-CoA. Based on this activity, a pathway was established in vitro 
that converts glycolate and formate to glycerate. 
These additions to the toolbox of enzymatic C-C bond formation could contribute to achieve 
synthetic carbon fixation pathways in the future. Such pathways are thought to be instrumental in 





C-C-Bindungen sind die Grundlage fast aller organischen Moleküle auf der Erde. In der Natur 
katalysieren hunderte verschiedener Enzyme Reaktionen, bei denen C-C-Bindungen gebildet 
werden. Eine Hauptaufgabe dieser Enzyme ist die Fixierung von Kohlenstoff, das heißt eine 
C-C-Bindungsbildung mit mindestens einem Ein-Kohlenstoff (C1) Molekül. Die meisten dieser 
Enzyme verwenden elektrophile C1-Spezies, wohingegen nur sehr wenige von nukleophilen oder 
radikalischen C1-Spezies Gebrauch machen. In dieser Arbeit wurde das Repertoire der enzyma-
tischen C-C-Bindungsbildung um vier neue Beispiele erweitert, von denen drei auf einem 
C1-Nukleophil und eines auf einem C1-Radikal basieren. 
Das Thiamin-Diphosphat (ThDP)-abhängige Enzym Oxalyl-CoA-Decarboxylase (OXC) erzeugt 
ein hochreaktives Carbanion/Enamin-Intermediat, das protoniert und als Formyl-CoA freigesetzt 
wird. In dieser Arbeit wurde gezeigt, dass dieses Zwischenprodukt auch eine C-C-Bindungsbil-
dung mit einem elektrophilen Carbonylzentrum eingehen kann. Diese Erkenntnis ermöglichte die 
Entwicklung drei neuer C-C-bindungsbildender Reaktionen. 
Erstens wurde gezeigt, dass Benzaldehyd als ausgezeichnetes Elektrophil dient und zu 
Mandelyl-CoA führt. In Kombination mit Oxalyl-CoA-Synthetase und einer Thioesterase ermög-
lichte dies die Eintopfsynthese von aromatischen (S)-α-Hydroxysäuren mit einem Enantiomeren-
überschuss von bis zu 99%. 
Zweitens wurde gefunden, dass OXC das Carbanion/Enamin-Intermediat auch aus Formyl-CoA 
erzeugen kann. Gekoppelt an exergonische Reaktionen und unter hohen CO2-Konzentrationen 
wurde gezeigt, dass OXC reversibel ist, das heißt, Formyl-CoA zu Oxalyl-CoA carboxylieren 
kann. 
Drittens wurde OXC dahingehend engineert, dass es aus dem C1-Molekül Formaldehyd 
Glykolyl-CoA erzeugt. Durch gerichtete Evolution konnte die katalytische Effizienz um einen 
Faktor von ~200 verbessert werden und die resultierende Enzymvariante wurde erfolgreich in 
einem Ganzzell-Biokatalysator zur Umsetzung von Formaldehyd zu Glykolat eingesetzt. 
Das Glycylradikalenzym Pyruvatformiat-Lyase (PFL) ist in der Lage, ein Wasserstoffatom von 
Formiat zu abstrahieren, wodurch ein hochreaktives Formylradikal entsteht, das eine C-C-Bin-
dungsbildung mit einer von Acetyl-CoA stammenden Acetylgruppe eingeht. Hier wurde gezeigt, 
dass PFL promiskuitive Aktivität mit Glykolyl-CoA aufweist, was in vitro einen Stoffwechselweg 
ermöglichte, der Glykolat und Formiat zu Glycerat umwandelt. 
Diese 4 Ergänzungen zur Palette der enzymatischen Bildung von C-C-Bindungen könnten syn-





Parts of this thesis that have been published or are in preparation for publication: 
 
 
Simon Burgener*, Niña Socorro Cortina, Tobias J. Erb (2020) Oxalyl-CoA Decarboxylase 
Enables Nucleophilic One-Carbon Extension of Aldehydes to Chiral α-Hydroxy Acids. 
Angewandte Chemie International Edition, 59: 5526-5530. * corresponding author 
 
In this work, S.B. contributed to: the conception of the project 
the design and performance of experiments 
the analysis of data 
the writing of the manuscript 
 
 
Maren Nattermann*, Simon Burgener*, Luca Schulz, Pascal Pfister, Tobias J. Erb. 
Engineering a highly efficient acyloin condensation enzyme for synthetic one-carbon 
fixation. Manuscript in preparation. *equal contribution 
 
In this work, S.B. contributed to: the conception of the project 
the design and performance of experiments 
the analysis of data 
the writing of the manuscript 
 
 
Simon Burgener*, Luca Schulz*, Charles A. Cotton, Arren Bar-Even, Tobias J. Erb. 
Engineering synthetic formate fixation pathways based on pyruvate formate-lyase. 
Manuscript in preparation. *equal contribution. 
 
In this work, S.B. contributed to: the conception of the project 
the design and performance of experiments 
the analysis of data 




The above stated contributions of S.B. to the publications or manuscripts in preparation, which 










Publications that are not discussed in this thesis: 
 
 
Charles A. R. Cotton, Iria Bernhardsgrütter, Hai He, Simon Burgener, Luca Schulz, 
Nicole Paczia, Beau Dronsella, Alexander Erban, Stepan Toman, Marian Dempfle, Alberto 
De Maria, Joachim Kopka, Steffen N. Lindner, Tobias J. Erb, Arren Bar-Even (2020) 
Underground isoleucine biosynthesis pathways in E. coli. eLife, 9:e54207. 
 
 
Simon Burgener, Shanshan Luo, Richard McLean, Tarryn E. Miller, Tobias J. Erb (2020) 




Nico J. Claassens*, Simon Burgener*, Bastian Vögeli, Tobias J. Erb, Arren Bar-Even 
(2019) A critical comparison of cellular and cell-free bioproduction systems. Current 
Opinion in Biotechnology, 60: 221-229. *equal contribution. 
 
 
Simon Burgener, Thomas Schwander, Elvira Romero, Marco W. Fraaije, Tobias J. Erb 
(2018) Molecular basis for converting (2S)-methylsuccinyl-CoA dehydrogenase into an 




















All is beautiful and unceasing, 
all is music and reason, 
and all, like diamond, 
is carbon first, then light. 






1.1 C-C bond forming reactions 
‘Carbon first’ certainly holds true for all life on earth. Carbon is an extremely versatile element with 
physical properties that allow it to form bonds with various elements, including other carbon 
atoms. Carbon-carbon (C-C) bonds are very stable and provide an excellent basis for large 
molecules – such as the molecules of life, which are all constructed around a core of C-C bonds. 
To build this “backbone of life”, carbon atoms have to be covalently linked in C-C bond forming 
reactions, arguably the most important transformations in nature and chemical synthesis. Equally 
important is the breaking of C-C bonds, as it can provide carbon building blocks and energy. 
In nature, most C-C bond forming and breaking reactions are catalyzed by enzymes. The 
importance of such enzymes is reflected in their abundance and diversity. For instance, the 
enzyme database BRENDA lists 251 unique enzymes in the Enzyme Commission (EC) subclass 
4.1 (C-C lyases), and nine in the EC subclass 6.1 (C-C ligases). Many other subclasses also 
contain prominent C-C breaking or forming enzymes, such as crotonyl-CoA reductase/car-
boxylase (EC 1.3), glycine hydroxymethyltransferase (EC 2.1) acetyl-CoA C-acetyltransferase 
and pyruvate formate-lyase (both EC 2.3). Thus, there are at least 300 C-C breaking or forming 
enzymes, which amounts to approximately 4% of all 8083 BRENDA-listed enzymes. The 
distribution over several EC classes indicates that nature has found several unique strategies to 
create and break C-C bonds. Some of these are discussed in section 1.3. 
C-C bonds are not only the cornerstone of life, but also of other important molecules such as 
fuels, plastics and pharmaceuticals. Given the high demand for such compounds, C-C bond 
forming reactions have garnered major attention in chemical synthesis. Chemists have developed 
at least 156 unique methods for C-C forming reactions,1 some of which are unknown to nature, 
for example olefin metathesis and cross-coupling reactions, one of the most widely applied class 
of reactions in organic chemistry.2 Inspired by nature, (bio)chemists recognized the potential of 
enzymes for chemical synthesis in the 20th century, and laid the foundation for biocatalysis, which 
takes advantage of the high selectivity that enzymes are able to achieve under mild and 
sustainable reaction conditions. Drawing on nature’s vast repertoire of C-C bond formation, many 
enzymatic syntheses have been established,3, 4 including industrial applications, such as the 





1.2 The one-carbon bioeconomy 
In the light of the increasing atmospheric CO2 concentration and the associated climate change, 
C-C bond forming reactions with one-carbon molecules (C1 fixation) are gaining particular 
interest. However, despite advances in recent years, chemical conversion of CO2 into multicarbon 
compounds remains challenging. The main problem is that product selectivity is difficult to achieve 
with chemical synthesis. Additionally, many processes rely on expensive catalysts, toxic solvents 
and harsh reaction conditions and are therefore unsuitable for the goal of lowering atmospheric 
CO2 concentrations. For instance, the industrial-scale Kolbe-Schmitt synthesis requires 100 bar 
CO2 and 125 °C.
6 While industrial production of multicarbon compounds is challenging, CO2 can 
be sustainably and efficiently converted into reduced C1 molecules such as CO, formic acid, 
methanol and methane, by means of hydrogenation, photochemistry, electrochemistry and 
biocatalysis.7-11 
In contrast to the shortcomings of chemical CO2 conversion, nature has faced the challenge of 
synthesizing multicarbon compounds from C1 molecules for billions of years and has evolved 
various efficient strategies. It was therefore proposed to harness the power of both worlds by 
combining chemical reduction of CO2 with biocatalytic C1 fixation.
12-14 In this scenario, reduced 
C1 molecules are converted to value-added multicarbon compounds through microbial 
fermentation. Microbes can (re)oxidize the reduced C1 to CO2, providing reducing equivalents 
and energy to the cell. Thus, the reduced C1 compounds serve not only as carbon source but 
also provide the energy required for growth and bioproduction. This paves the way towards a 
circular bioeconomy that uses atmospheric CO2 as carbon source, and could eventually replace 
fossil carbon-dependent processes. 
Even though carbon fixation has been optimized through evolution for billions of years, natural 
carbon fixation pathways have shortcomings, notably they are not operating at energetic optimum, 
or they are oxygen sensitive. Additionally, the complex architecture of most pathways (Figure 1) 
make it difficult to transplant them into production hosts. To overcome these shortcomings, 
biochemists have in recent years begun to design synthetic pathways. Based on the rapid 
progress in biology over the last decades, notably dropping costs for DNA sequencing and 
synthesis and ever-more profound understanding of enzymes and metabolism, it has become 
conceivable to invent and realize new metabolic pathways that do not exist in nature.15-17 Similar 
to a chemist who strives for the most efficient route to transform a starting material into a product, 
biologists now aim for the pathway that allows for optimal growth and/or bioproduction. Synthetic 




the constraints of the physiological context, enabling the design of the ‘perfect pathway’. Beyond 
the mix-and-match of natural enzymes, synthetic pathways can also be built around new-to-nature 
enzymes. This tremendously expands the solution space of metabolic pathways, in principle 
making any pathway possible that is thermodynamically feasible. In this vein, synthetic carbon 
fixation pathways can be tailored for minimal metabolic overlap (for example by reducing the 
number of reaction steps) or optimal energy efficiency and therefore, they hold high promise for 
address the challenges of establishing a sustainable bioeconomy.18-20 
How to design a carbon fixation pathway? The key step of carbon fixation is a C-C bond forming 
reaction. As lined out in the following sections, the nature of the C-C bond forming reaction defines 
the architecture of a carbon assimilation pathway (Figure 1). In order to create novel, synthetic 
pathways it is therefore of paramount importance to understand the catalytic principles that 
underlie enzymatic C-C bond formation. The next section gives an overview on the knowledge 
about enzymatic C-C bond formation with C1 units, by looking at natural as well as repurposed 
or engineered carboligases. 
 
1.3 Enzymatic one-carbon fixation 
The basis of any carbon fixation is a C-C bond formation reaction in which a carbon atom of a C1 
molecule is covalently bonded to a carbon atom of another molecule, creating a multicarbon 
compound. Enzymes use many different catalytic strategies to accomplish C1 fixation. Yet, these 
can be roughly divided into three categories based on the reactivity of the C1 species employed: 
C1 electrophiles, C1 nucleophiles and other reactive C1 species. Referred to here is the C1 
species immediately before C-C bond formation. Table 1 lists enzymes that occur in natural C1 





Table 1. List of C1-fixing enzymes, classified according to the reactivity of the C1 species.  
C1 substrate 
(C oxidation state) 
C1 electrophile C1 nucleophile and other 
   
CO2 (+IV) 
pyruvate synthase21  
2-ketoglutarate synthase22  
isocitrate dehydrogenase23  
crotonyl-CoA carboxylase/reductase24  
2-ketopropyl-CoM reductase25  
phosphoenol pyruvate carboxylase (HCO3-)26  
phosphoenol pyruvate carboxykinase27  
ribulose-bisphosphate carboxylase/oxygenase28  
phenylphosphate carboxylase29  
acetyl-CoA carboxylase (HCO3-)30  
propionyl-CoA carboxylase (HCO3-)31  
acetone carboxylase32  
methylcrotonyl-CoA carboxylase33  
acetophenone carboxylase34  
glycine cleavage system35  
propionyl-CoA synthase36, 37  
>100 decarboxylases  
   
   
CO (+II) 
 acetyl-CoA synthase38 
 V and Mo nitrogenase39, 40 
   
   
formate (+II) 
 pyruvate formate-lyase41 
 2-hydroxyacyl-CoA lyase (formyl-CoA)42 
   
   
cyanide (+II) 
 aliphatic oxynitrilase43 
 aromatic oxynitrilase5 
 cyanoalanine synthase44 
   
   
formaldehyde (0) 
glycine hydroxymethyltransferase (mTHF)45 glycine cleavage system (mTHF)  
formaldehyde transketolase46 formolase47 
3-hexulose-6-phosphate synthase48 glyoxylate carboligase (glyoxylate)49 
formolase47  
2-hydroxyacyl-CoA lyase  
threonine aldolase50  
2-keto-3-deoxy-L-rhamnonate aldolase50  
2-keto acid decarboxylase51  
   
   
methanol (-II)  acetyl-CoA synthase (MeCoFeSP)  
   
The list contains all enzymes that are involved in natural C1 fixation as well as enzymes whose primary role 
is not C1 fixation, but which have been repurposed or engineered for C1 fixation; the latter are italicized. 
Enzymes that employ C1 species of both kinds are highlighted in blue. If the substrate is a derivatized C1 
molecule, it is given in parenthesis after the enzyme name. In principle, more than 100 decarboxylases 
could be included in the section CO2 as C1 electrophile; however, they were omitted for clarity (see also 





1.3.1 One-carbon electrophiles 
As becomes evident from Table 1, the predominant strategies for natural carbon fixation rely on 
electrophilic C1 species, particularly CO2 and formaldehyde. Presumably, the main reason for the 
success of this strategy is that both CO2 and formaldehyde are intrinsically electrophilic, which 
makes them excellent acceptor units that do not require chemical activation. This is in contrast to 
all other C1 fixation reactions, which rely on the generation of a highly reactive C1 species prior 
to C-C bond formation (described section 1.3.2 and 1.3.3). 
The most important carbon assimilation process is undoubtedly CO2 fixation, as reflected in the 
diversity of carboxylases (Table 1). The evolutionary success of carboxylases is also evident from 
their abundance in metabolism: Carboxylases are not only part of six autotrophic pathways, but 
also assimilatory pathways, anaplerosis, biosynthetic pathways and redox balancing.52 Rubisco 
probably being the most abundant enzyme on Earth further underscores the importance of 
carboxylases.53 All carboxylases have in common that they first generate a nucleophile in the form 
of an enolate or enamine that then attacks CO2. In virtually all cases, the nucleophile consists of 
more than one carbon atom and as a consequence thereof, the nucleophilic substrate has to be 
regenerated through several reaction steps before it can undergo the next C1 elongation. Herein 
lies the reason for the cyclic architecture of five out of seven natural CO2 fixation pathways 
(Figure 1). The exceptions are the glycine cleavage system (GCS) and ACS/CODH, which are 
able to directly condense two C1 units, and thereby enable linear carbon fixation through the 
reductive glycine pathway and the Wood-Ljungdahl pathway, respectively (Figure 1). 
In addition to their central role in natural pathways, carboxlyases have also been repurposed for 
synthetic carbon fixation pathways. Crotonyl-CoA carboxylase/reductase (CCR) is naturally 
occurring in the anaplerotic ethylmalonyl-CoA pathway and is the carboxylase with the highest 
turnover number reported so far.24 Inspired by natural autotrophic pathways, our group envisioned 
a cyclic pathway based on two CCR-catalyzed carboxylations, the CETCH cycle.54 To close the 
cycle, a regeneration module was established that replenishes the CO2 acceptor crotonyl-CoA. 
The CETCH cycle was successfully assembled in vitro and assimilated CO2 a rate comparable to 
natural autotrophic pathways. Another highly active carboxylase is phosphoenolpyruvate 
carboxylase (PPC) which is used in anaplerosis or to shuttle CO2 in C4 plants.
26, 55 Combining it 
with malate dehydrogenase, malate thiokinase, malyl-CoA lyase and enzymes from glyoxylate 
assimilation gave rise to the synthetic malyl-CoA-glycerate cycle pathway that can assimilate C2 




repurposing or engineering of carboxylases allows for tailor-made, cyclic carbon assimilation 
pathways. 
The list of carboxylases could be extended by decarboxylases, since according to the principle of 
microscopic reversibility every reaction is reversible, including strongly exergonic 
decarboxylations. Under high concentrations of bicarbonate or pressurized CO2, decarboxylases 
are able to catalyze thermodynamically unfavored carboxylation reactions.57 (De)carboxylases 
have been recognized as a valuable alternative to chemical catalysts, because they do not require 
high reaction temperatures and exhibit high product selectivity. BRENDA lists more than 100 
decarboxylases, with verified activities on a wide variety of substrates, indicating that this enzyme 
family bears great biocatalytic potential. One recent example is the use of 2-keto acid 
decarboxylase as methional carboxylase for the production of methionine.58 Other examples 
include aromatic (de)carboxylases, such as ortho‐benzoic acid decarboxylase, phenolic acid 
decarboxylases and prenylated FMN-dependent decarboxylases.59 The results of CHAPTER II add 
another reverse decarboxylation to the biocatalytic repertoire: formyl-CoA carboxylation to oxalyl-
CoA, catalyzed by oxalyl-CoA decarboxylase (OXC). 
Although CO2 can be directly used as electrophile by enzymes, C-C bond formation with CO2 is 
thermodynamically challenging. Carboxylases overcome the thermodynamic cost of CO2 fixation 
by coupling C-C bond formation to a highly exergonic reaction, for instance ATP hydrolysis, 
NAD(P)H oxidation or C-C bond cleavage. In contrast, formaldehyde is a very reactive C1 
molecule that readily reacts with carbon nucleophiles. C-C bond formations with formaldehyde 
are generally exergonic and do not require coupling to another reaction. Nature has taken 
advantage of this reactivity and evolved three formaldehyde assimilation pathways: the serine 
cycle, the ribulose monophosphate (RuMP) cycle and the dihydroxyacetone (DHA) cycle. The 
latter two directly utilize formaldehyde, whereas the serine cycle relies on 5,10-methylene-THF 
as C1 substrate, which forms spontaneously from THF and formaldehyde.60 Formaldehyde can 
be generated through the oxidation of methanol, thus these pathways enable growth on methanol 
as sole carbon source. In the serine cycle, glycine hydroxymethyltransferase synthesizes serine 
from glycine and 5,10-methylene-THF.61 In the RuMP cycle, 3-hexulose-6-phosphate synthase 
(HPS) catalyzes the aldol condensation between D-ribulose 5-phosphate and formaldehyde, 
producing D-arabino-hex-3-ulose 6-phosphate.62 In DHA cycle, thiamine diphosphate (ThDP)-
dependent formaldehyde transketolase (FTK) extends D-xylulose 5-phosphate by formaldehyde 
and, after subsequent C-C bond cleavage, forms dihydroxyacetone and D-glyceraldehyde 3-




pathways, the C1 acceptor molecule is a multicarbon compound that has to be regenerated by 
rearrangement of the carbon backbone (Figure 1). 
Due to its inherently high reactivity, many other aldolases and ThDP-dependent lyases show 
promiscuous activity with formaldehyde. Recently, the promiscuous formaldehyde activity of 
threonine aldolase and 2-keto-3-deoxy-L-rhamnonate aldolase was exploited to enable methanol 
assimilation in E. coli.50 The ThDP-dependent 2-keto acid decarboxylase has been repurposed 
for C-C bond formation, whereby aldehydes are elongated by one carbon atom derived from 
formaldehyde.51 Two more ThDP-dependent enzymes are known to use formaldehyde as 
electrophile C1 substrate, formolase47 and 2-hydroxyacyl-CoA lyase (HACL).42 Since these two 
enzymes also generate a C1 nucleophile during catalysis, they are discussed in more detail in 
section 1.3.2. A novel example of synthetic C1 fixation with formaldehyde serving as the 
electrophile is described in CHAPTER II. Here, OXC was engineered to accept formaldehyde with 
affinity comparable to the naturally occurring formaldehyde-fixing enzymes FTK and HPS. 
Overall, it can be concluded that C1 electrophiles are predominant in natural and engineered C1 
fixation. Most of the underlying pathways are cyclic because a multicarbon acceptor molecule has 
to be regenerated (Figure 1). This strategy can be expressed in simple terms with the equation 
Cn+ C1 = C(n+1), where n > 1. In contrast, the next two sections describe enzymes that are able 





Figure 1. The architecture of C1 fixation pathways is defined by the C-C bond forming 
reaction(s). The pathways are simplified to C-C bond forming reactions (purple arrows) and carbon 
backbone rearrangements (green arrows). Enzymes for each C-C bond forming reactions are 
indicated. Synthetic pathways and the corresponding enzymes are italicized. The polarity of the 
carbon substrates is indicated with δ (+ for electrophilic and – fur nucleophilic). Reactions of the type 
Cn + C1 = C(n+1) require cleavage and rearrangement of the carbon backbone to regenerate the 
Cn nucleophile. There are two alternatives, (Left) two consecutive C1 extensions and cleavage of a 
C2 compound or (Middle) stoichiometric balancing of the C-C bond forming and splitting reactions to 
produce a C3 compound. Conversely, C1 + C1 = C2 reactions enable linear carbon fixation, without 
rearrangement reactions. Abbreviations: KGS, 2-ketoglutarate synthase; PS, pyruvate synthase; 
ACC, acetyl-CoA carboxylase; GlyA, glycine hydroxymethyltransferase; CCR, crotonyl-CoA 
carboxylase/reductase; LtaE, serine aldolase; IDH, isocitrate dehydrogenase; PPC, phosphoenol 
pyruvate carboxylase; PCC, propionyl-CoA carboxylase; HOBA, 4-hydroxy-2-ketobutanoate 
aldolase; HPS, 3-hexulose-6-phosphate synthase; FTK, formaldehyde transketolase; GCS, glycine 
cleavage system; ACS, acetyl-CoA synthase; HACL, 2-hydroxyacyl-CoA lyase; redTCA, reductive 
tricarboxylic acid; DA/4-HB, dicarboxylic acid; 4-HB, 4-hydroxybutyrate; 3-HP, 3-hydroxypropionate; 
CBB, Calvin-Benson-Bassham; RuMP, ribulose monophosphate; XuMP, dihydroxyacetone. 
 
1.3.2 One-carbon nucleophiles 
Creation of a C1 nucleophile requires chemical activation, as none of the carbon atoms in the C1 
molecules methane, methanol, formaldehyde, formate, and CO2 is intrinsically nucleophilic. 
Chemical activation is typically coupled to energy-consuming ATP hydrolysis. This could be a 
reason why in nature C1 fixation reactions with a C1 nucleophile are relatively scarce (Table 1). 
Merely four enzymes make use of this strategy: the GCS, glyoxylate carboligase (GCL), 
formolase, and HACL. To understand how these few enzymes achieve this seemingly difficult 






























redTCA cycle (n = 4)
DA/4-HB cycle (n = 2)
3-HP/4-HB cycle (n = 2)
3-HP bicycle (n = 2)














Cn + C1 = Cn+1
CETCH cycle (n = 3)








In contrast to nature, C1 nucleophiles are very well-known to organic chemistry, especially 
cyanide is widely utilized in C-C bond forming reactions. Its use as C1 nucleophile goes back to 
the 19th century, when Hermann Kolbe, a founding father of organic synthesis and a graduate of 
the University of Marburg, first established it.64 Enzymes, specifically, aliphatic and aromatic 
oxynitrilases,5, 43 and cyanoalanine synthase44 are also able to use cyanide as C1 nucleophile. In 
fact, oxynitrilase-catalyzed cyanide addition to aldehydes is one of the oldest and most successful 
examples of biocatalysis.65 However, cyanide cannot be easily derived from CO2, as this reaction 
requires nitrogen and C-N bond formation and therefore, cyanide-dependent C1 fixation is not 
directly relevant for the goal of lowering atmospheric CO2 concentrations. The use of cyanide in 
synthesis is further hampered by its toxicity. Nevertheless, biocatalytic C-C bond formation offers 
the possibility to produce valuable multicarbon compounds with high selectivity and under 
environmental-friendly conditions. An example is described in CHAPTER I: OXC enabled the 
biocatalytic, cyanide-free synthesis of enantiopure mandelic acid by one-carbon extension of 
benzaldehyde under mild conditions.  
 Figure 2. Umpolung of a carbonyl by cyanide and ThDP. The polarity of the relevant carbonyl 
centers is indicated; orange, electrophilic; blue, nucleophilic. A) Mechanism of the cyanide-catalyzed 
benzoin condensation. B) Structure of ThDP. ThDP is converted to its active carbene state by 
deprotonation. In ThDP-dependent enzymes this is typically mediated by an active site glutamate. 
C) Mechanism of the benzoin condensation, catalysed by the ThDP-dependent benzaldehyde lyase. 
 
In chemistry, cyanide is not only a C1 source, but also a catalyst for C-C bond formation. In fact, 
the use as catalyst predates the Kolbe synthesis described above, as Liebig and Wöhler observed 
in 1832 that cyanide catalyzes the benzoin condensation.66 According to the generally accepted 
mechanism,67 the carbon atom of cyanide adds to an aldehyde, and thereby reverses the polarity 











electrophilic carbonyl group, creating a C-C bond. This C-C bond formation is an extremely 
valuable tool for organic synthesis and was termed Umpolung to reflect the polarity reversal of 
the carbonyl group.68 Enzymes are able to perform Umpolung with the help of the cofactor ThDP 
(Figure 2). This cofactor plays a central role in C-C bond breaking and forming reactions and a 
plethora of ThDP-dependent enzymes have been described.69 However, only three ThDP-
dependent enzymes reverse to polarity of a C1 carbonyl group to create a C-C bond: GCL, 
formolase and HACL. 
GCL condenses two molecules of glyoxylate to tartronate semialdehyde.49 In the first reaction 
step, glyoxylate binds to the ThDP and is decarboxylated. The resulting covalent intermediate, 
referred to as ‘active formaldehyde’, then performs a nucleophilic attack onto the second 
glyoxylate molecule and the product tartronate semialdehyde is finally released from the ThDP. 
Since both substrates are not C1 units, the GCL reaction is not strictly a C1 fixation reaction. 
However, if active formaldehyde could be produced from free formaldehyde (i.e. without 
decarboxylation of glyoxylate) this reaction would constitute a true C1 fixation. It is not known if 
GCL is able to activate formaldehyde, but other ThDP-dependent decarboxylases can generate 
the nucleophilic intermediate also from the respective aldehyde, without decarboxylation.51, 70, 71 
It is therefore intriguing to speculate that a formaldehyde assimilation pathway based on GCL or 
a similar carboligase could exist in nature. 
Some evidence for this hypothesis was provided in 2015, when Siegel and colleagues designed 
a synthetic ThDP-dependent enzyme that generates ‘active formaldehyde’ and fuses it with 
formaldehyde.47 The resulting C2 intermediate is then fused with another formaldehyde molecule 
to finally yield dihydroxyacetone. The condensation of three formaldehyde molecules into 
dihydroxyacetone is a formose reaction, hence this enzyme was termed formolase. Through 
computational design and several rounds of directed evolution, the catalytic efficiency of 
formolase was increased by a factor of ~100. This enabled a synthetic C1 fixation pathway that 
converts three molecules of formate into dihydroxyacetone - the first and so far only reported C1 
+ C1 + C1 = C3 strategy. Benzaldehyde lyase (BAL), which naturally catalyzes the condensation 
of two benzaldehyde molecules, was selected as scaffold for the design of formolase. Given that 
‘active formaldehyde’ is an actual intermediate of GCL’s catalytic cycle it could be argued that 
GCL would make for an excellent (and possibly better than BAL) blueprint for the design of a 
formolase. 
The third ThDP-dependent enzyme using a C1 nucleophile is 2-hydroxyacyl-CoA lyase (HACL), 




into a fatty aldehyde and the C1 unit formyl-CoA. ThDP attacks on the carbonyl of the CoA ester 
substrate and promotes cleavage of the C-Cα bond. The remaining C1 nucleophile is then 
protonated and released as formyl-CoA. A similar ThDP-dependent enzyme is part of 2-
hydroxyisobutyric acid degradation in Actinobacteria, where it cleaves 2-hydroxyisobutyryl-CoA 
into acetone and formyl-CoA.73 Interestingly, this enzyme was proposed to run in the reverse, i.e. 
C-C bond forming direction, during acetone degradation in Desulfobacteraceae.74 For HACL, 
reversibility was recently reported and it was shown that HACL has promiscuous activity with 
formaldehyde.42 The condensation of formyl-CoA with formaldehyde yields glycolyl-CoA and 
constitutes a C1 + C1 = C2 reaction that was exploited to create a whole-cell biotransformation 
system converting formaldehyde into glycolate.42 In this thesis, the closely related OXC was 
studied in more detail and its potential for C1 fixation was demonstrated. These results are 
presented in CHAPTER I and CHAPTER II. 
Aside from the well-known Umpolung strategy, nature has only found one other way to generate 
and condense a C1 nucleophile. The GCS catalyzes the decarboxylation of glycine, producing 
5,10-methylene-THF, CO2, NH3 and NADH.
35 As the name suggests, GCS is usually operative in 
the C-C bond cleaving direction, however, it can also run in reverse to produce glycine from CO2 
and 5,10-methylene-THF, a one-carbon carrier.75 Thus, this enzyme complex is able to condense 
two C1 molecules, making it an excellent biocatalyst for C1 fixation. However, GCS-based C1 
fixation seems to be rare in nature, considering that so far, there is only some indirect evidence 
that GCS may act as the main carbon fixation enzyme in an uncultured deltaproteobacterium.76 
The potential of GCS for C1 fixation was recently highlighted by the in vivo implementation of the 
reductive glycine pathway, a synthetic carbon fixation pathway that relies on the reverse action of 
GCS.77-80 How does GCS achieve this remarkable catalysis? The biochemical study of GCS is 
very challenging, due to its multi subunit architecture, comprising of four different proteins. 
Nevertheless, the mechanism has been partially elucidated. The pyridoxal phosphate-dependent 
P protein catalyzes the reversible decarboxylation of glycine.81 After decarboxylation, the 
remaining C1 unit is transferred to lipoate-containing H protein.82 In the reverse, i.e. the C-C bond 
forming direction, a carbanion has to be generated that is able to attack CO2. However, a profound 
understanding of the nature of this nucleophilic C1 species and how the P protein is able to 
generate it is lacking. 
In conclusion, enzymes only rarely employ C1 nucleophiles, in fact, GCS is the only enzyme in 
natural carbon fixation doing so. However, as highlighted by the ThDP-dependent enzymes 




it enables direct condensation of two C1 molecules, and ultimately allows for linear carbon fixation 
pathways (Figure 1). Given their relatively simple structure, such pathways could facilitate in vivo 




1.3.3 Other reactive one-carbon species 
Aside from the abundant nucleophile/electrophile chemistry, some C-C bond forming enzymes 
make use of organometallic complexes or radicals to generate highly reactive carbon species. 
With respect to C1 fixation, four enzymes are of particular importance: ACS/CODH, vanadium 
and molybdenum nitrogenase (VNase and MoNase) and pyruvate formate-lyase (PFL).  
ACS/CODH is the key enzyme of the Wood-Ljungdahl pathway found in acetogenic bacteria and 
methanogenic archaea.38 This pathway enables synthesis of acetyl-CoA from two highly oxidized 
C1 molecules (CO2, CO and formate) and is one of the six autotrophic pathways. In methanogens 
and sulfate-reducing bacteria, the Wood-Ljungdahl pathway operates in the reverse direction and 
provides the cell with energy by splitting the C-C bond of acetyl-CoA. As the name suggests, 
ACS/CODH is a bifunctional enzyme, catalyzing carbon reduction and C-C bond formation. 
CODH reduces CO2 into CO at the expense of reduced ferredoxin. ACS condenses the in situ 
generated CO with CoA and a methyl group bound to the cobalt center of the corrinoid iron-sulfur 
protein (MeCoFeSP). First, the methyl group of MeCoFeSP and CO both bind to the same Ni 
center in ACS. The proximity of these two organometallic C1 species then promotes C-C bond 
formation. The resulting acetyl-Ni species undergoes thiolytic cleavage by CoA, regenerating the 
Ni center and producing acetyl-CoA.38 The Wood-Ljungdahl pathway is the most energy efficient 
C1 pathway and therefore acetogens have been exploited for the bioproduction of multicarbon 
compounds from C1 units, notably CO-containing syngas.83 However, ACS/CODH is highly O2-
sensitive, restricting the Wood-Ljungdahl pathway to strictly anaerobic conditions.  
Another metalloenzyme capable of CO fixation is nitrogenase, specifically, VNase and MoNase. 
Nitrogenase’s main task is to catalyze the 8-electron reduction of N2 to two ammonia molecules.
84 
A decade ago it was discovered that VNase and MoNase are also able to reduce CO into 
hydrocarbons, such as ethylene, ethane and propane.39, 40, 85 Like nitrogen fixation, CO reduction 
is dependent on reduced ferredoxin or flavodoxin, however, the mechanism of C-C bond 




low turnover numbers,86 but the direct production of highly reduced multicarbon compounds from 
CO with one single enzyme harbors tremendous potential for a sustainable bioeconomy.  
Next to organometallic complexes, enzymes can also make use of radical mechanisms to 
generate reactive C1 species. One notable example is PFL, which catalyzes reversible C-C bond 
cleavage of pyruvate, producing acetyl-CoA and formate.41 PFL is a key enzyme of mixed acid 
fermentation and it is a strictly anaerobic glycyl radical enzyme that requires activation by PFL 
activase.87 Catalysis is initiated by transfer of the radical onto the sulfur atom of an active site 
cysteine. In the reverse, i.e. C-C bond formation direction, the cysteyl radical then abstracts a 
hydrogen atom from formate, generating a highly reactive formyl radical that subsequently forms 
a C-C bond with the enzyme-bound acetyl moiety stemming from acetyl-CoA.88, 89 Thus, PFL has 
the unique ability to create a C-C bond with the rather inert carbon atom of formate. This offers 
the possibility to assimilate formate without prior activation, which could be highly useful in 
engineering energy-efficient synthetic C1 pathways.90 CHAPTER III describes the engineering of a 
synthetic formate assimilation pathway based on C-C bond formation by PFL.  
Enzymes employing organometallic and radical C1 species are arguably the most remarkable 
carboligases. Their highly reactive intermediates enable energy efficient C-C bond formations of 
the type C1 + C1 = C2 or even higher numbered carbon compounds. However, the high oxygen 




1.4 Aims of this thesis 
As lined out above, carboligations with non-electrophilic C1 species are rare in nature and only a 
handful of enzymes utilize nucleophilic, radical or organometallic C1 species. Yet, as exemplified 
by several recent examples (Table 1 and Figure 1), such enzymes hold high promise for synthetic 
metabolism and biocatalytic production of multicarbon compounds. With the exception of 
formolase, all these examples are based on repurposed wild-type enzymes. While this strategy 
has been successful, it is restricted to naturally occurring enzyme activity. It is to be expected that 
the creation of new-to-nature enzymes will open up a whole new realm of C1 fixation. Therefore, 
the central aim of this thesis is to expand the enzymatic repertoire of C1 carboligation reactions 




are explored in this thesis. CHAPTER I and CHAPTER II focus on C1 Umpolung via the ThDP-
dependent enzyme OXC. In CHAPTER III the radical mechanism of PFL is exploited for direct 
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Abstract 
The synthesis of complex molecules from simple, renewable carbon units is the goal of a 
sustainable economy. Here we explored the biocatalytic potential of the thiamine diphosphate-
dependent (ThDP) oxalyl-CoA decarboxylase (OXC)/2-hydroxyacyl-CoA lyase (HACL) 
superfamily that naturally catalyze the shortening of acyl-CoA thioester substrates through the 
release of the C1-unit formyl-CoA. We show that the OXC/HACL superfamily contains 
promiscuous members that can be reversed to perform nucleophilic C1-extensions of various 
aldehydes to yield the corresponding 2-hydroxyacyl-CoA thioesters. We improved the catalytic 
properties of Methylorubrum extorquens OXC by rational enzyme engineering and combined it 
with two newly described enzymes – a specific oxalyl-CoA synthetase and a 2-hydroxacyl-CoA 
thioesterase. This enzyme cascade enabled continuous conversion of oxalate and aromatic 
aldehydes into valuable (S)-α-hydroxy acids with enantiomeric excess up to 99%. Altogether our 
study showcases the potential to develop ThDP-catalyzed nucleophilic C1-extensions as 
sustainable production platform for chiral building blocks. 
  




One of biotechnology’s central goals is the synthesis of multicarbon compounds under mild and 
sustainable conditions from renewable resources. This requires biocatalysts that enable selective 
C-C bond formation (‘carboligation’) between two carbon units. Thiamine diphosphate (ThDP)-
dependent enzymes display high catalytic and substrate promiscuity with respect to C-C bond 
breaking and forming reactions and they catalyze carboligation reactions at high rates and with 
excellent stereo- and enantioselectivity.1 Several biocatalytic applications have been developed 
that rely on ThDP-dependent carboligases; notable examples are pyruvate decarboxylase 
(PDC),2 benzoylformate decarboxylase (BFD),3 benzaldehyde lyase4 and transketolase (TK).5-7 
Their broad catalytic repertoire makes ThDP-dependent enzymes promising starting points for 
the development of biocatalysts for C-C bond forming reactions.  
In the context of a methanol and/or formate-based economy, carboligations with one-carbon units 
are of particular interest.8, 9 The potential of ThDP-dependent enzymes for synthetic one-carbon 
fixation has been showcased by the computationally designed enzyme formolase, which 
condenses three formaldehyde molecules into dihydroxyacetone.10 Here, we focused on the 
superfamily of ThDP-dependent oxalyl-CoA decarboxylase (OXC)/2-hydroxyacyl-CoA lyase 
(HACL). The OXC/HACL superfamily comprises of decarboxylating members (OXCs), as well as 
non-decarboxylating members (HACLs). Both catalyze the ThDP-dependent cleavage of formyl-
CoA from their respective acyl-CoA thioester substrates (Scheme 1). OXCs catalyze the 
decarboxylation of the C2-compound oxalyl-CoA to formyl-CoA,
11, 12 whereas HACLs cleave a 2-




Scheme 1. OXC and HACL form the α-hydroxyl-CoA-ThDP carbanion/enamine intermediate (1) by 
decarboxylation of oxalyl-CoA and cleavage of a 2-hydroxyacyl-CoA, respectively. In the second half 
reaction 1 is protonated and released as formyl-CoA. 
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In OXC and HACL catalysis has been proposed to proceed through the same covalent 
intermediate 1 on the ThDP cofactor (Scheme 1).13-15 After release of CO2 or aldehyde, the 
remaining formyl-CoA moiety forms 1. Analogous to other ThDP-dependent enzymes that form 
similar ThDP carbanion/enamine intermediates, we speculated that 1 can act as nucleophile in a 
carboligation reaction with an electrophilic carbon center, essentially reversing the native 
OXC/HACL reactions. This would enable nucleophilic C1-extension reactions employing formyl-
CoA or oxalyl-CoA as donor, which can in turn be produced from the cheap carbon sources 
formate9 and oxalate, respectively. Recently, Chou et al. demonstrated that HACL catalyzes the 
acyloin condensation of formyl-CoA with aldehyde acceptor substrates.16 However, the study 
focused on HACL and formyl-CoA, thus the carboligation potential of OXC with oxalyl-CoA as 
donor remains unknown. 
 
2.2 Results 
To further explore the carboligase potential within the OXC/HACL superfamily, we recombinantly 
produced human HACL (HACLHs), as well as OXC from Methylorubrum extorquens (OXCMe), 
HACLHs expressed very poorly at 25 °C. Lowering temperature to 15 °C and using the strain 
ArcticExpress, protein production was improved, but was still rather low (~2 mg protein per L 
culture), especially compared to OXC (~30 mg/L). The low expression and/or stability limit the 
use of human HACL for biocatalytic applications. To test their carboligation activity, the enzymes 
were incubated with formyl-CoA and various aldehyde acceptors. 2-Hydroxyacyl-CoA thioesters 
were analyzed by LC-MS and the products verified by MS/MS fragmentation (Figure S1). Product 
formation was detected in the presence of formaldehyde, acetaldehyde, propionaldehyde, 
glycolaldehyde, succinic semialdehyde, benzaldehyde, and phenylacetaldehyde with both 
enzymes (Table 1). Glyceraldehyde, glyoxylate and acetone (not shown) were not accepted by 
OXCMe and HACLHs. As expected from its physiological role as fatty acyl-CoA lyase, HACLHs 
showed high activity with the aliphatic aldehydes acetaldehyde and propionaldehyde. On the 
other hand, OXCMe showed very high activity with benzaldehyde, indicating a distinct catalytic 
spectrum between the two enzymes. In summary, HACLHs and OXCMe are able to perform 
nucleophilic C1-extension reactions of different aldehydes with formyl-CoA as C1-donor. 
Next, we investigated whether both enzymes would also be able to perform decarboxylating 
carboligations with oxalyl-CoA as C1-donor. We argued that the release of CO2 should provide a 
strong thermodynamic driving force towards carboligation, analogous to the reactions reported 
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for glyoxylate carboligase,17 PDC,18 BFD,19 TK,5, 6 and branched chain ketoacid decarboxylase.20 
HACLHs possessed only very low oxalyl-CoA decarboxylation activity (kcat < 1 min-1, see Figure 
S2), in contrast to OXCMe (kcat = 98 ± 3 s-1, see Table 2 & Figure S3), which confirms OXCMe’s 
physiological function as oxalyl-CoA decarboxylase. 
 
Table 1. Comparison of the aldehyde substrate scope of OXCMe and HACLHs.[a] 
     
Aldehyde R Product name OXCMe[c] HACLHs[c] 
2a H glycolyl-CoA 100 11 
2b Me lactyl-CoA 74 100 
2c CH2Me 2-hydroxybutyryl-CoA 5 100 
2d CH2OH glyceryl-CoA 1 100 
2e CHOHCH2OH erythronyl-CoA n.d.[b] n.d.[b] 
2f COOH tartronyl-CoA n.d.[b] n.d.[b] 
2g (CH2)2COOH 2-hydroxyglutaryl-CoA 1 100 
2h Ph mandelyl-CoA 100 3 
2i CH2Ph 3-phenyllactyl-CoA 22 100 
[a] The reaction contained 2a-2i (10 mM), formyl-CoA (1 mM), OXCMe or HACLHs (5 µM). Products were 
analyzed by LC-MS after 1 h reaction time. [b] Product not detected. [c] Relative activity in %. Relative 
activity refers to the comparison of OXCMe and HACLHs for each aldehyde substrate. 
 
Given the high activity towards benzaldehyde, we chose it as model substrate to study the 
decarboxylating carboligation of OXCMe in more detail. When started with oxalyl-CoA and 
benzaldehyde, OXCMe as expected produced mandelyl-CoA at a rate of 4 min-1 (Figure S4). 
However, mandelyl-CoA formation was preceded by formation of formyl-CoA, suggesting that 
OXCMe first rapidly decarboxylated oxalyl-CoA into formyl-CoA, followed by slow carboligation of 
formyl-CoA with benzaldehyde (Figure S4). 
Decarboxylation of oxalyl-CoA proceeds via formation of 1, which can be either protonated and 
released as formyl-CoA or undergo a nucleophilic attack on benzaldehyde to form mandelyl-CoA. 
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We speculated that mandelyl-CoA formation may be increased by suppressing the unwanted 
protonation reaction (and subsequent release of formyl-CoA) that competes with carboligation. 
Table 2: Steady-state kinetic parameters of oxalyl-CoA decarboxylation catalyzed by OXCMe.[a] 
[a] Michaelis-Menten graphs are shown in Figure S3. 
 
Structural, biochemical and theoretical studies on OXC from Oxalobacter formigenes (OXCOf; 
63% sequence identity to OXCMe) demonstrated that protonation of 1 is mediated by a water 
molecule which is coordinated by several polar side chains, notably a tyrosine and a serine, which 
are conserved in OXCMe (Tyr497 and Ser568).
14, 15 In OXCMe variants Y497A and S568A, formyl-
CoA formation was decreased 20- to 50-fold, while the KM of both variants was largely unaffected 
(Table 2 & Figure S3). When starting with oxalyl-CoA and benzaldehyde OXCMe-Y497A showed 5-
fold increased mandelyl-CoA production rate (20 min-1; Figure S4). The mutation Y497A thus 
increased the ratio of carboligation to decarboxylation by a factor of approximately 400 compared 
to the wild-type, suggesting that we successfully redirected activity of the enzyme towards 
carboligation by suppressing protonation of 1. 
Hydrolysis of mandelyl-CoA leads to mandelic acid, which serves as building block for various 
drugs as well as a resolving agent in chiral resolution processes.21 We set out to identify a 
thioesterase capable of hydrolyzing the non-natural metabolite mandelyl-CoA. We tested PaaI, 
TesB and YciA from E. coli, which were shown to hydrolyze a broad range of acyl-CoA 
thioesters.22-24 YciA showed relatively high mandelyl-CoA thioesterase activity (kobs ≈ 1.5 s-1), low 
activity with formyl-CoA (kobs ≈ 0.06 s-1) and no activity with oxalyl-CoA (Figure S5 & 1B). When 
used in combination with OXCMe, the two enzymes formed an enzymatic cascade for the 
conversion of oxalyl-CoA and benzaldehyde into mandelic acid and free CoA (data not shown). 
We noticed that subsequent regeneration of free CoA into oxalyl-CoA would allow us to close a 
catalytic cycle for the continuous production of mandelic acid (Figure 1A). To establish such a 
catalytic cycle, we obtained an oxalyl-CoA synthetase AMP-forming (OXS) homologue from M. 
Mutation kcat (s-1) KM (µM) kcat/KM (s-1 M-1) 
wild-type 98 ± 3 105 ± 11 9.3 × 105 
Y497A 1.32 ± 0.04 180 ± 17 7.3 × 103 
S568A 5.53 ± 0.11 23 ± 2 1.1 × 105 
Y497A S568A 0.32 ± 0.01 103 ± 15 3.1 × 103 
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extorquens,25 and determined the enzyme’s steady-state kinetic parameters (kcat = 1.30 ± 0.02 s-
1; KM(oxalate) = 9 ± 1 µM; Figure 1C). We then used OXS in combination with YciA and OXCMe 
to continuously produce mandelic acid from oxalate and benzaldehyde. When we replaced OXCMe 
by the Y497A variant, mandelic acid production rate increased 5-fold and the conversion 
increased 4-fold (Figure 1E). This was likely caused by decreased formation of the unwanted side 
product formyl-CoA (and its further hydrolysis by YciA). Chiral LC-MS revealed that (S)-mandelic 
acid was produced with enantiomeric excess of 97% (Figure 1D). Since YciA showed no 
stereospecificity in the hydrolysis of mandelyl-CoA (Figure 1B), the stereochemistry is exclusively 
determined by OXCMe.  
Figure 1. A) The OXS-OXCMe-YciA cascade converts benzaldehyde and oxalate into mandelic acid 
and CO2 under consumption of ATP. B) Thioesterase activity of YciA (2 µM) towards oxalyl-CoA, 
formyl-CoA and racemic mandelyl-CoA (0.5 mM each). The negative control without enzyme is 
shown in Figure S6. Error bars show standard deviation of two replicates. C) Michaelis-Menten graph 
of OXS with oxalate as substrate. D) Chromatograms of chiral HPLC analyzing the reaction products 
of the complete cascade with either wild-type OXCMe (wt) or Y497A. On top are commercial mandelic 
acid standards. E) Mandelic acid formation of the cascade over time. The reaction contained 2h 
(25 mM), disodium oxalate (10 mM), ATP (10 mM), CoA (0.5 mM), OXS (5 µM), OXC (5 µM), YciA 
(2 µM). ee of (S)-mandelic acid is indicated for the last time point (22 h). 
 
Next, we tested the substrate scope of the catalytic cycle by replacing benzaldehyde with 
substituted variants 2i-2k (Figure 2A). Under limiting ATP concentrations (10 mM), the expected 
products 3a-3d were formed at varying yields (57-93%) and ee (44-99%) (Figure 2B). Notably, 
also sterically demanding 2k was converted to 3d with high yield, albeit with moderate ee. The 
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broad substrate scope of the OXS-OXC-YciA cascade was further confirmed by an extended 
screen, in which product formation was detected for ten other aromatic and three heteroaromatic 
aldehydes (3e-3r, Figure 2C). To test if the cascade can be scaled up, we performed the reaction 
on a semi-preparative scale (0.625 mmol 2h). We added an ATP regeneration system comprising 
of creatine phosphate, creatine kinase and adenylate kinase. With catalytic amounts of ADP (0.5 
mM) this five enzyme one-pot cascade produced 3a with a yield of 53%. Taken together, these 
results indicate that the established enzyme cascade can be employed to produce various 
aromatic α-hydroxy acids with moderate to high (S)-selectivity. 
 
Figure 2. Scope of the OXS-OXCMe-Y497A-YciA cascade for the synthesis of aromatic (S)-α-hydroxy 
acids. Chromatograms and time courses of the reactions are shown in Figure S7. A) The reactions 
contained 2h-2y (25 mM), disodium oxalate (10 mM), ATP (10 mM), CoA (0.5 mM), OXS (5 µM), 
OXCMe-Y497A (5 µM), YciA (2 µM). Products were analyzed by chiral LC-MS after 24 h reaction time. 
ee’s were estimated based on extracted ion counts. B) For 3a-3d conversion and ee were quantified 
by comparison to a commercial standard. For 3b separation of the enantiomers could not be 
achieved; n.d, not determined. C) 3e-3r were analyzed qualitatively. Where chromatographic 
separation allowed, the ee was estimated, assuming identical ionization of the two enantiomers. 
 
 




We demonstrated that members of the OXC/HACL superfamily are able to catalyze C1-
carboligation reactions between 1 – formed either through decarboxylation of oxalyl-CoA or 
deprotonation of formyl-CoA – and several aldehydes to yield chiral 2-hydroxyacyl-CoA 
thioesters. These nucleophilic C1-extension reactions expand the spectrum of ThDP-dependent 
enzymes as versatile biocatalysts for C-C bond forming reactions.26, 27 
What determines substrate specificity in the OXC/HACL superfamily? The observed variance in 
the aldehyde scope of OXCMe and HACLHs are likely caused by differences in the C-terminal 
domain, which forms a ‘lid’ on top of the active site.14 While the bottom part of the active site is 
virtually identical between OXC and HACL (with exception of Tyr133 and Glu134 in OXCMe that 
are replaced by Phe and Gln in HACLHs), the C-terminal lid-domain shows a high variability 
between individual superfamily members. Further characterization of the OXC/HACL superfamily 
could reveal more carboligases with aldehyde preference for a desired application. 
We engineered OXCMe towards improved carboligation rate at the expense of formyl-CoA 
formation rate by replacing Tyr497 with Ala. Interestingly, the mutation Y497A did not affect the 
enantioselectivity for (S)-mandelyl-CoA. This is reminiscent of engineering efforts on PDC from 
Zymomonas mobilis, where Glu473 positions a water molecule that acts as proton donor for the 
ThDP carbanion/enamine intermediate. Mutating this amino acid to glutamine led to a 100-fold 
preference of carboligation over aldehyde release, under full retention of enantioselectivity.18 
Considering the high demand of mandelic acid and its derivatives in the (R) configuration,21 it 
would be interesting to engineer OXCMe towards inverted enantioselectivity. This has been 
achieved for other ThDP-dependent carboligases.28, 29 
The rational engineering of OXCMe-Y497A enabled a three enzyme cascade comprising of OXS, a 
newly identified oxalyl-CoA synthetase, and YciA, an efficient mandelyl-CoA thioesterase with 
only minor formyl- and oxalyl-CoA hydrolysis activities. The OXCMe-mediated production of 
aromatic (S)-α-hydroxy acids in high ee from aldehydes and oxalate offers an alternative to 
hydrogen cyanide based syntheses catalyzed by nitrilases.30 However, the requirements of CoA 
in catalytic amounts and an ATP regeneration system may limit the potential for a synthetic 
application on the larger scale. To this end, employing whole-cell catalysts may prove to be 
advantageous, providing not only the cascade enzymes but also ATP regeneration and a CoA 
pool without addition of purified enzymes and cofactors.31 
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Altogether, our study expands the spectrum of ThDP-dependent transformations by nucleophilic 
C1-extensions, which gives access to α-hydroxy acids that are valuable chiral building blocks and 
showcases ways to establish in vitro- and in vivo-platforms for the continuous production of these 
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2.4 Materials and Methods 
Chemicals 
Unless stated otherwise, standard laboratory reagents were obtained from Sigma-Aldrich® 
(Steinheim, Germany) or Carl Roth GmbH & Co. KG (Karlsruhe, Germany) with the highest purity 
available. Propionaldehyde, Vanillin, (R)- and (S)-mandelic acid were obtained from Tokyo 
Chemical Industry (Zwijndrecht, Belgium). 4-chloromandelic acid was obtained from Alfa Aesar 
(ThermoFisher (Kandel) GmbH; Kandel, Germany). 
 
Formyl-CoA synthesis 
Formyl-CoA was synthesized as described previously.32, 33 After Extraction with diethylether 
formyl-CoA was purified by preparative HPLC-MS with an acetonitrile gradient in 25 mM 
ammonium formate pH 4.2. The fractions containing the product were lyophilized and stored at -
20 °C. Formyl-CoA was dissolved in aq. HCl (pH 4). The concentration was determined by 
enzymatic depletion with PduP,34 following NADH consumption at 340 nm. 
 
Oxalyl-CoA synthesis 
Oxalyl-CoA was synthesized enzymatically with OXS. A 5 mL reaction containing 50 mg CoA 
(0.064 mmol, 1 eq.), 52 mg ATP (0.086 mmol, 1.3 eq.), 10 mg disodium oxalate (0.075 mmol, 1.2 
eq.) in buffer (100 mM MES-KOH pH 6.8, 15 mM MgCl2) was started by adding OXS to a final 
concentration of 0.4 mg/mL and incubated at 30 °C for 1 hour. The reaction was quenched with 
250 µL formic acid and the enzyme removed by centrifugation (4,000 × g, 4 °C, 10 min). Oxalyl-
CoA was purified by preparative HPLC-MS with an acetonitrile gradient in 25 mM ammonium 
formate pH 4.2. The fractions containing the product were lyophilized and stored at -20 °C. Oxalyl-
CoA was dissolved in 10 mM acetate buffer pH 4.5. The concentration was determined by 
enzymatic depletion with PanE2, following NADPH consumption at 340 nm.  
 
Mandelyl-CoA synthesis 
Mandelyl-CoA and (S)-mandelyl-CoA were synthesized chemically with the carbonyldiimidazole 
(CDI) CoA-acylation method described previously.35 21 mg CDI (0.127 mmol, 4 eq.) was dissolved 
in 1 mL tetrahydrofuran, mandelic acid or (S)-mandelic acid was added (0.127 mmol, 4 eq.) and 
the mixture stirred at 22 °C for 15 min. 25 mg CoA (0.032 mmol, 1 eq.) was dissolved in 1 mL 0.5 
M NaHCO3 and added to the reaction mixture, followed by stirring at 22 °C for 30 min. THF was 
removed by applying vacuum (100 mbar) for 5 min. The mixture was then purified by preparative 
HPLC with a methanol gradient in 25 mM ammonium formate pH 8.0. The fractions containing 
the product were lyophilized and stored at -20 °C. Mandelyl-CoA was dissolved in 10 mM acetate 
buffer pH 4.5. The concentration was determined spectrophotometrically, using the extinction 
coefficient for saturated CoA esters (ε260nm = 16.4 cm-1 mM-1). The concentration was confirmed 
by enzymatic depletion with YciA, detecting the liberated CoA with Ellman’s reagent (ε412nm = 
14.15 cm-1 mM-1).36 




Cloning and Mutagenesis 
Oligonucleotides were obtained from Eurofins Genomics (Ebersbach, Germany). oxc 
(MexAM1_META1p0990), oxs (MexAM1_META1p2130) and panE2 (MexAM1_META1p3141) 
were PCR-amplified from Methylorubrum extorquens chromosomal DNA using the corresponding 
primers (Table S1). The purified PCR products were digested with NdeI and BamHI and ligated 
into pET-16b. Correct cloning was confirmed by sequencing (Eurofins Genomics). Human hacl1 
(Gene ID: 26061) was obtained by gene synthesis (Table S2), performed by BaseClear (Leiden, 
The Netherlands). The gene was codon optimized for E. coli and sub-cloned into pET-16b. adk, 
paaI, tesB and yciA were obtained from the ASKA collection.37 Point mutations were introduced 
into oxc by PCR using mismatch primers (Table S1). A 50 µL reaction contained 60 ng of pET-
16b_OXCMe, 0.25 µM forward and reverse primer, 200 µM dNTP, 5 µL 10x Reaction Buffer, 1 µL 
Phusion polymerase (2 U/µL). Template plasmid was removed by DpnI digest (10 U) at 37 °C 
immediately after PCR amplification. Mutations were confirmed by sequencing. 
 
Table S1. Primers used for cloning of OXC and OXS and site-directed mutagenesis of OXC. 











































































Protein Production and Purification 
All proteins except HACLHs were heterologously produced in E. coli BL21 (DE3). 500 mL TB 
containing 100 µg/mL ampicillin (OXCMe, OXS, PduP, and PanE2) or 34 µg/mL chloramphenicol 
(AdK, PaaI, TesB and YciA) was inoculated with freshly-transformed cells and incubated at 37 
°C. After reaching an OD600 of 0.8 expression was induced by adding IPTG to a final concentration 
of 0.25 mM and the incubation temperature was lowered to 25 °C. HACLHs was produced in E. 
coli ArcticExpress (DE3). 1 L LB containing 100 µg/mL ampicillin and 15 µg/mL gentamycin was 
inoculated with freshly-transformed cells and incubated at 37 °C. After reaching an OD600 of 0.8 
the culture was cooled on ice for 15 min. Then expression was induced by adding IPTG to a final 
concentration of 0.1 mM and the incubation temperature was lowered to 15 °C. Cells were 
harvested after 16 h (24 h for HACLHs) by centrifugation (4500× g, 10 min) and resuspended in 
buffer A (500 mM KCl, 50 mM HEPES-KOH pH 7.6). If not used immediately, cell pellets were 
flash-frozen in liquid nitrogen and stored at −20 °C. The cell lysate obtained by sonication was 
clarified by centrifugation 75,000× g at 4 °C for 45 min. The supernatant was filtered through a 
0.4 µm syringe tip filter (Sarstedt, Nümbrecht, Germany). Ni-affinity purification was performed 
with an Äkta FPLC system from GE Healthcare (GE Healthcare, Freiburg, Germany). The filtered 
soluble lysate was loaded onto a 1 mL Ni-Sepharose Fast Flow column (HisTrap FF, GE 
Healthcare, Little Chalfont, UK) that had been equilibrated with 10 mL buffer A. After washing with 
20 mL 85% buffer A, 15% buffer B (500 mM KCl, 50 mM HEPES-KOH pH 7.6, 500 mM imidazole), 
the protein was eluted with 100% buffer B. Fractions containing purified protein were pooled and 
the buffer was exchanged to storage buffer (150 mM KCl, 50 mM HEPES-KOH pH 7.6) with a 
desalting column (HiTrap, GE Healthcare). Proteins were concentrated by ultrafiltration (Amicon 
Ultra). Concentration was determined on a NanoDrop 2000 Spectrophotometer (Thermo 
Scientific, Waltham, MA, USA) using the extinction coefficient at 280 nm, as calculated by 
protparam (https://web.expasy.org/protparam/). Enzyme purity was confirmed by SDS-PAGE. 
The purified proteins were stored in 50 vol% glycerol at −20 °C. OXCMe wild-type and mutants 
were flash-frozen in liquid nitrogen and stored at −80 °C. 




Samples were prepared for LC-MS analysis by quenching an aliquot of a reaction with formic acid 
(final concentration 4%) and centrifuging for 10 min at 17,000 rcf, to remove precipitated proteins. 
LC-MS data were analyzed and quantified using MassHunter Qualitative Navigator and 
Quantitative Analysis software (Agilent, Waldbronn, Germany). 
 
LC-MS detection of CoA esters 
Samples were diluted 1:10 in H2O. UPLC-high resolution MS of CoA-esters was performed as 
described previously.38 CoA-esters were analyzed using an Agilent 6550 iFunnel Q-TOF LC-MS 
system equipped with an electrospray ionization source set to positive ionization mode. 
Compounds were separated on a RP-18  column (50 mm x 2.1 mm, particle size 1.7 µm, Kinetex 
EVO C18, Phenomenex) using a mobile phase system comprised of 50 mM ammonium formate 
pH 8.1 (A) and methanol (B). Chromatographic separation was carried out using the following 
gradient condition at a flow rate of 250 µL/min: 0 min 2.5% B; 2.5 min 2.5% B; 8 min 23% B; 10 
min 80 %B; 11 min 80%; 12 min 2.5% B; 12.5 min 0% B. The column oven was set to 40 °C and 
autosampler was maintained at 10 °C. Standard injection volume was 1 µL. Capillary voltage was 
set at 3.5 kV and nitrogen gas was used as nebulizing (20 psig), drying (13 L/min, 225 °C) and 
sheath gas (12 L/min, 400°C). The TOF was calibrated using an ESI-L Low Concentration Tuning 
Mix (Agilent) before measurement (residuals less than 2 ppm for five reference ions) and was 
recalibrated during a run using 922.0908 m/z as reference mass. The scan range for MS and 
MS/MS data is 100-1000 m/z and 50-1000 m/z respectively. Collision energy used for MS/MS 
fragmentation was 35 eV. 
 
LC-MS detection of mandelic acid derivatives 
Samples were diluted 1:10 in H2O. UPLC-high resolution MS analyses were performed on an 
Agilent 6550 iFunnel QTOF LC/MS system equipped with an electrospray ionization source to 
negative ionization mode. The analytes were isocratically chromatographed on a chiral column 
(100 mm x 2.1 mm, particle size 2.7 µm, Poroshell 120 Chiral-T, Agilent) kept at ambient 
tempature using a mobile phase system comprised of 30:70 20 mM ammonium formate pH 4 / 
methanol at a flow rate of 250 µL/min for 10 min. Samples were held at 10°C and injection volume 
was 1 µL. Capillary voltage was set at 3.5 kV and nitrogen gas was used as nebulizing (20 psig), 
drying (13 L/min, 225 °C) and sheath gas (12 L/min, 400°C). MS data were acquired with a scan 
range of 100-1100 m/z. For quantification the calculated m/z value of [M-H]- was used to obtain 
the extracted ion count from the total ion count. 
 
Enzyme assays with LC-MS detection 
Unless noted otherwise, all LC-MS assays were carried out at 30 °C in reaction buffer consisting 
of 50 mM TES-KOH pH 6.8, 10 mM MgCl2. 0.5 mM ADP, 0.15 mM ThDP. 
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OXCMe and HACLHs aldehyde screen 
In reaction buffer, 1 mM formyl-CoA and 10 mM aldehyde (formaldehyde, acetaldehyde, 
glycolaldehyde, propionaldehyde, glyceraldehyde, glyoxylate, succinic semialdehyde, 
benzaldehyde, and phenylacetaldehyde) was mixed with 5 µM OXCMe and HACLHs, respectively. 
The reaction was stopped after 1 h and products analyzed with the CoA ester method described 
above. 
 
YciA substrate screen 
Thioesterase activity of YciA was determined by adding 2 µM YciA to the reaction buffer 
containing 25 mM benzaldehyde and 0.5 mM formyl-CoA, oxalyl-CoA and mandelyl-CoA, 
respectively. Samples were taken after 0, 1, 5 and 30 min and analyzed with the CoA ester 
method described above.  
 
OXS- OXCMe-YciA cascade prototyping 
In a 1.5 mL microfuge tube, reaction buffer containing 0.5 mM CoA, 10 mM ATP, 25 mM 
benzaldehyde, 2 µM YciA, 5 µM OXCMe and 5 µM OXS were mixed and the reaction was initiated 
by the addition of 10 mM disodium oxalate. For the negative controls each enzyme was omitted 
in a separate reaction. Samples were taken after 0, 3, 15, 40 min, 1, 2, 3 and 22 h and analyzed 
with the mandelic acid derivatives method described above. For quantification commercial, 
racemic mandelic acid was diluted in reaction buffer to appropriate concentrations to obtain a 
calibration curve (Figure S8).  
 
OXS- OXCMe-YciA cascade aldehyde scope 
The aldehyde substrate screen of the OXS-OXCMe-Y497A-YciA cascade was carried out as 
described above, except that the aromatic aldehydes were prepared as 33 mM stocks in 20 vol% 
DMSO and diluted to final concentration of 25 mM into the assay. Samples were analyzed with 
the mandelic acid derivatives method described above. Mandelic acid (3a), 4-chloromandelic acid 
(3c), 2-chloromandelic acid (3d) and 3-phenyllactic acid (3b) were quantified by comparison to 
commercial standards (Figure S8).  
 
OXS- OXCMe-YciA cascade on semi-preparative scale 
In a glass vial (25 mL reaction volume) 50 mM TES-KOH pH 6.8, 10 mM MgCl2, 0.5 mM ADP 
(0.0125 mmol, 5.3 mg), 0.15 mM ThDP (0.00375 mmol, 1.7 mg), 0.5 mM CoA (0.0125 mmol, 9.8 
mg), 25 mM disodium oxalate (0.625 mmol, 84 mg), 25 mM benzaldehyde (0.625 mmol, 66 mg), 
2 µM YciA, 10 µM OXCMe-Y497A, 5 µM OXS, 1.3 µM adenylate kinase and 25 units creatine kinase 
(Roth) were mixed and the reaction was initiated by the addition of 10 mM creatine phosphate. 
The same amount of creatine phosphate was added after 1, 2, 4 and 6 h to reach a final 
concentration of 50 mM (1.25 mmol, 409 mg). The vials were incubated without shaking at 30 °C 
for 24 h. Then the pH was lowered to 3 by adding HCl. The quenched reaction was saturated with 
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NaCl and extracted with 25 mL diethylether. The organic phase was dried over MgSO4 and 
filtered. After evaporation of the ether under vacuum, 50 mg (0.331 mmol, 53%) of a white solid 
remained, which was confirmed to be mandelic acid by UV (Figure S9), HPLC (Figure S10), and 
NMR (Figure S11). 1H NMR (300 MHz, DMSO-d6) δ 7.4 (m, 5H); 5.05 (s, 1H). 13C NMR (300 MHz, 
DMSO-d6) δ 174.5, 140.7, 128.6, 128.1, 127.1, 72.9. 
 
Spectrophotometric enzyme assays 
Assays were performed on a Cary-60 UV/Vis spectrophotometer (Agilent) at 30°C using quartz 
cuvettes (10 mm path length; Hellma, Müllheim, Germany). For the determination of steady-state 
kinetic parameters, each substrate concentration was measured in triplicates and the obtained 
curves were fit using GraphPad Prism 7. Hyperbolic curves were fit to the Michaelis-Menten 
equation to obtain apparent kcat and KM values.  
 
Michaelis-Menten kinetics of OXS 
Oxalyl-CoA production was followed by coupling OXS to purified PanE2, an NADPH-dependent 
oxalyl-CoA reductase from M. extorquens.25 An assay containing 50 mM potassium phosphate 
pH 6.5, 0.3 mM NADPH, 10 mM MgCl2, 1 mM ATP, 2.5 mM CoA, 1.2 µM PanE2, 176 nM OXS 
was preincubated for 2 min and the reaction started by adding disodium oxalate to a final 
concentration of 5, 10, 25, 100, 250, 1,000 µM, respectively. Reaction procedure was monitored 
by following the oxidation of NADPH at 340 nm. 
 
Michaelis-Menten kinetics OXCMe 
Formyl-CoA production was followed by coupling OXC to purified PduP, a promiscuous CoA-
dependent aldehyde dehydrogenase that reduces formyl-CoA to formaldehyde under NADH 
consumption.34 An assay containing 50 mM MES-KOH pH 6.5, 0.3 mM NADH, 10 mM MgCl2, 
0.5 mM ADP, 0.15 mM ThDP, 5 µM PduP, and OXCMe (concentration depending on the mutant) 
was preincubated for 2 min and the reaction started by adding oxalyl-CoA (concentrations 
depending on the mutant). Reaction procedure was monitored by following the oxidation of NADH 
at 340 nm. Michaelis-Menten graphs are shown in Figure S3. 
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2.6 Supplementary Figures 
Figure S1. MS/MS spectra of the 2-hydroxyacyl-CoA thioester products. Calculated m/z values of the 
fragmentation products are indicated on top. Spectra on the left show the parent ion. Spectra on the right 
show the fragmentation products of the parent ion (blue asterisk). The numbers in the spectrum indicate 
measured m/z values. Mandelyl-CoA was produced from deuterated benzaldehyde; the deuterium is 
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Figure S2. LC-MS analysis of oxalyl-CoA (1 mM) decarboxylation catalyzed by OXCMe, HACLHs and no 
enzyme control. The slope of HACL corresponds to a turnover number of approximately <1 min-1. 
 
 
Figure S3. Michaelis-Menten graphs of OXCMe and mutants thereof. Error bars show standard deviation of 
three replicates. 
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Figure S4. Competing reaction pathways of OXC. Reactions contained 1 µM OXCMe, 25 mM benzaldehyde 
and were started by adding 1 mM formyl-CoA (A) or 1 mM oxalyl-CoA (B). C) Apparent turnover numbers 
were determined by linear regression of the mandelyl-CoA formation rate over 20 min. Error bars show 
standard deviation of three replicates. Concentration of CoA-esters was determined by comparison to a 
standard curve obtained from chemically synthesized formyl-CoA, oxalyl-CoA and mandelyl-CoA, 
respectively. 
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Figure S5. Screen for mandelyl-CoA thioesterase activity. CoA formation was detected with the Ellman's 
reagent (5,5'-dithiobis-(2-nitrobenzoic acid)), which reacts with free thiols under release of 2-nitro-5-
thiobenzoate (ε412nm = 14.15 mM−1 cm−1). Assays were carried out at 30 °C in 50 mM MES-KOH pH 6.8 and 
contained 1 mM Ellman’s reagent and 0.5 µM YciA or 0.5 µM TesB or 0.5 µM PaaI. The reaction was 




Figure S6. Thioesterase activity of YciA towards oxalyl-CoA, formyl-CoA and racemic mandelyl-CoA. 
Assays were carried out at 30 °C in reaction buffer consisting of 50 mM TES-KOH pH 6.8, 10 mM MgCl2, 
0.5 mM ADP, 0.15 mM ThDP and 25 mM benzaldehyde, 2 µM YciA (A) or no YciA (B). The reaction was 
started by adding either 0.5 mM formyl-CoA or 0.5 mM oxalyl-CoA or 0.5 mM mandelyl-CoA. Samples were 
taken after 0, 1, 5 and 30 minutes and analyzed with the LC-MS detection of CoA esters. CoA esters were 
quantified by comparison to synthetic standards of formyl-CoA, oxalyl-CoA and mandelyl-CoA, respectively. 
Error bars show standard deviation of two replicates. 
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Figure S7. Chiral LC-MS product analysis of the aldehyde scope (Figure 2). On the left side are 
chromatograms of the last time point (24 h), showing extracted ion counts. The chemical structure of the 
product and its [M-H]- m/z used to obtain the extracted ion count are shown in each chromatogram. Dashed 
lines show commercial standards at a concentration of 10 mM. Plots on the right side show the time courses 
of the reactions. The lines show a one-phase association fit to the data. MA, mandelic acid. 4-CMA, 4-
chloromandelic acid. (S)-2-CMA, (S)-2-chloromandelic acid. PLA, 3-phenyllactic acid. 
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Figure S8. Calibration curves of commercially obtained racemic mandelic acid, racemic 3-phenyllactic acid, 
racemic 4-chloromandelic acid and (S)-2-chloromandelic acid. The lines show a linear fit to the data, slope 
(A) and Y-intercept (B) are indicated in the table below. Concentration of α-hydroxy acids in the reaction 
samples was calculated with the equation concentration = (peak area – B) / A. 
 
Compound A B R2 
(S)-3a 1313446 -51928 0.9760 
(R)-3a 2801078 -3823 0.9707 
3b 12133853 4946676 0.9797 
(S)-3c 4312421 441083 0.9882 
(R)-3c 6991962 1236119 0.9692 
(S)-3d 445091 153684 0.9731 
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Figure S9. UV spectrum of the mandelic acid semi-preparative synthesis.  






















Figure S10. HPLC UV (210 nm) chromatogram of the mandelic acid semi-preparative synthesis. 
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Figure S11. NMR spectra recorded in DMSO-d6, 300 MHz. A) 1H NMR of the extracted reaction product. 
B) 1H NMR of commercial (S)-mandelic acid. C) 13C NMR of the isolated reaction product. D) 13C NMR of 



























Swiss Army knife part 2: 
C1 + C1 = C2 
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Abstract 
Thiamine diphosphate-dependent enzymes have great potential for one-carbon fixation. The 
OXC/HACL superfamily has recently been discovered to catalyze acyloin condensations of 
formyl-CoA with a wide array of aldehydes. To enable synthetic one-carbon assimilation 
routes, we herein employed structure-guided iterative saturation mutagenesis to increase the 
activity of OXC for the condensation of formyl-CoA and formaldehyde. The resulting quadruple 
mutant MeOXC4 exhibits a 200-fold increased catalytic efficiency and formaldehyde affinity 
comparable to natural formaldehyde-fixing enzymes, enabling efficient production of glycolate 
in whole-cell biotransformations. Furthermore, in stark contrast to all HACLs characterized so 
far, MeOXC4 is highly soluble in E. coli, which paves the way for its use in synthetic one-carbon 
assimilation routes in vivo. 
  




The synthesis of complex molecules from one-carbon (C1) compounds is key to a sustainable, 
circular economy. C1 compounds, such as formate and methanol, can be derived directly from 
CO2 through several processes, including hydrogenation, photochemistry, electrochemistry or 
biocatalysis,1-5 and thus serve as sustainable feedstock for the formation of value-added 
products via microbial fermentation.6-8 Because natural methylo- and formatotrophs are not 
well-suited for large-scale biotechnological processes, current efforts aim at engineering well-
established platform organisms for growth on C1 compounds.9-11 Instead of transplanting 
natural existing pathways, the use of synthetic pathways might facilitate their realization in 
these organisms, by reducing metabolic complexity and minimizing overlap with the native 
metabolic network of the host.12 Moreover, synthetic pathways also allow for carbon 
assimilation at higher energetic efficiencies compared to natural metabolism, which will 
ultimately translate into higher product yields.13, 14 
The key step in all (one)-carbon assimilation pathways is a C-C bond-forming carboligation 
reaction between a nucleophilic and an electrophilic carbon atom. While many enzymes use 
electrophilic C1 species, such as CO2 or formaldehyde, nucleophilic C1 species are rare. Most 
carboligases employ nucleophiles that contain more than one carbon atom, which makes the 
direct synthesis of C2 compounds from C1 units challenging.  
One way to generate nucleophilic carbon centers is to invert the reactivity of a carbonyl species 
through Umpolung, which can be achieved through the cofactor thiamine diphosphate 
(ThDP).15 In recent years, several ThDP-dependent enzymes have been engineered to 
catalyze C1-extension reactions, underscoring the potential of these enzymes for synthetic 
carbon fixation pathways. The most prominent example is the artificial enzyme formolase 
(FLS), which was derived from benzaldehyde lyase (BAL).16 Similarly, glycolaldehyde 
synthase (GALS) was engineered from benzoylformate decarboxylase (BFD).17 Both of these 
enzymes produce “active formaldehyde” in form of a nucleophilic ThDP-bound 
carbanion/enamine intermediate, which is condensed with another molecule of formaldehyde 
to form glycolaldehyde (Scheme 1A). In both cases, the very low initial activity was improved 
by directed evolution. However, despite ~100-fold increases, the final enzyme variants still 
exhibited poor catalytic efficiencies (kcat/KM < 10 M-1 s-1; Table 1), as well as poor affinity for 
the highly toxic formaldehyde (KM ≥ 90 mM), which has so far precluded an application of these 
enzymes in vivo. 
We recently identified another ThPD-dependent enzyme class as formaldehyde carboligases. 
Members of the 2-hydroxyacyl-CoA lyase (HACL)/oxalyl-CoA decarboxylase (OXC) enzyme 
superfamily catalyze the condensation of formyl-CoA with formaldehyde to produce glycolyl-
CoA (Scheme 1B).18, 19 Notably, wild-type (WT) HACL showed more than ten-fold higher 
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catalytic efficiency compared to the engineered FLS and GALS, mainly due to a lower KM for 
formaldehyde (29 mM; Table 1). We aimed at further improving HACL activity to eventually 
enable the production of glycolyl-CoA at physiologically relevant formaldehyde concentrations 
(<0.5 mM) and high rates. Using structure-guided enzyme engineering, we generated a bona 
fide glycolyl-CoA synthase (GCS), and demonstrate its use in Escherichia coli, which may 
ultimately enable synthetic C1 fixation pathways in vivo. 
Scheme 1. ThDP-dependent C1 fixation reactions. FLS and GALS 
generate the nucleophilic carbanion/enamine intermediate from 
formaldehyde, whereas HACL uses formyl-CoA. In the second half 
reaction formaldehyde is condensed with the intermediate, producing 
glycolaldehyde and glycolyl-CoA, respectively. 
 
 
Table 1. Steady-state parameters of formaldehyde-fixing enzymes. 
Enzyme kcat(s-1) KM (mM) kcat/KM (M-1 s-1) 
BAL16 n.d. n.d. 0.05 
FLS16 n.d. n.d. 5 
BFD17 0.01 90 0.1 
GALS17 1.6 170 9 
HsHACL118 3.8 160 24 
RuHACL18 3.3 29 110 
  





Previously, we showed that MeOXC is capable of catalyzing the acyloin condensation of 
formyl-CoA with various aldehydes, including formaldehyde.19 However, the catalytic efficiency 
of MeOXC (kcat/KM = 2 M-1s-1) is far below that of RuHACL (kcat/KM = 110 M-1s-1) and the KM for 
both substrates is extremely high (formaldehyde: 100 mM and formyl-CoA: 3 mM; Table 2). 
We therefore sought to improve MeOXC towards a catalytically efficient GCS. 
MeOXC is very closely related to OXC from Oxalobacter formigenes (OfOXC, 63% identity) 
and E. coli (EcOXC, 61%), for both of which crystal structures have been solved. Nevertheless, 
to gain detailed insight into the active site, we solved the crystal structure of MeOXC at a 
resolution of 1.9 Å (Figure 1B). Overall, the structure is very similar to that of OfOXC (rmsd = 
0.425 for 7230 alinged atoms). Because we could not observe electron density after the 
residue Glu567, we modelled the C-terminal part based on the OfOXC structure with bound 
intermediate (PDB ID 2ji7) (Figure 1B). In OfOXC this part is flexible and electron density for 
the closed conformation was obtained only after soaking with substrate or product.20  
During catalysis OXC and HACL both form an α-hydroxyl-CoA-ThDP carbanion/enamine 
intermediate that performs a nucleophilic attack onto formaldehyde (Scheme 1).21 In HACL 
the intermediate is formed through proton abstraction from formyl-CoA. In contrast, OXC forms 
the intermediate by decarboxylation of oxalyl-CoA, and shows only little HACL-like activity with 
formyl-CoA.19, 20 Because the overall reactions of HACL and OXC are very different and 
because the flexible C-terminal part shares little sequence similarity between OXC and HACL 
(Figure 1A), predicting mutations that would enhance HACL-activity in OXC are difficult. 
Instead of rationally designing mutants, we turned to a directed evolution approach, employing 
iterative saturation mutagenesis (ISM)22 to exhaustively screen mutations in every position 
surrounding the active site. To this end, we identified 11 residues within 6 Å of Cα of the α-
hydroxyl-CoA-ThDP carbanion/enamine intermediate as targets for ISM: Gly47, Ile48, Tyr134, 
Glu135, Gly414, Ala415, Met442, Tyr497, Glu567, Ser568, and Ile571 (Figure 1B). 
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Figure 1. Sequence and structure comparison of OXC and HACL. A) MSA of the C-terminal 
amino acids of OXCs and HACLs. The high sequence disparity impedes homology modelling of 
this region, which is part of the active site in OXC. The residues marked with an asterisk are within 
6 Å of Cα of the carbanion/enamine intermediate. B) Active site of MeOXC. 11 residues are within 
6Å of Cα: Gly47, Ile48, Tyr134, Glu135, Gly414, Ala415, Met442, Tyr497, Glu567, Ser568, Ile571. 
The last three are part of the C-terminus that closes down over the active site upon substrate 
binding. Since we did not obtain electron density of this region, we modelled it based on the 
OfOXC structure. 
 
High-throughput screen for GCS activity 
ISM requires screening of thousands of variants. We conceived a high-throughput screen 
based on the hydrolysis of glycolyl-CoA to glycolate, which is subsequently oxidized by 
glycolate oxidase (GOX) to glyoxylate under stoichiometric production of H2O2 (Figure 2A). 
Horseradish peroxidase (HRP) consumes H2O2 to oxidize Ampliflu Red® to the fluorophore 
Resorufin. In summary, per molecule glycolyl-CoA formed by OXC from formyl-CoA and 
formaldehyde, one molecule Resorufin is produced. 
Enzymes for the specific hydrolysis of glycolyl-CoA have not yet been described. We 
anticipated that it might be difficult to find a glycolyl-CoA thioesterase without activity towards 
formyl-CoA. Thus, we focused on identifying a glycolyl-CoA:formate transferase (GFT). This 
enzyme would not only cleave glycolyl-CoA but at the same time also regenerate formyl-CoA, 
creating a catalytic cycle that converts formate and formaldehyde into glycolate, the substrate 
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and Clostridium propionicum25, as well as AbfT from Clostridium aminobutyricum26, which 
showed the best GFT activity (kcat = 0.40 ± 0.01 s-1, app. KM(glycolyl-CoA) = 12 ± 1 µM; Figure 
2B). 
We tested our screen by combining formyl-CoA, formaldehyde, formate and Ampliflu Red with 
purified MeOXC, AbfT, human GOX27 and HRP (including all required cofactors). Fluorescence 
increase was only observed in the presence of all components (Figure 2C) and correlated with 
glyoxylate production, as determined by HPLC-MS. We made MeOXC the rate-limiting step in 
the assay and demonstrated that MeOXC activity could be quantified from E. coli lysates, which 
enabled us to screen MeOXC variants in high-throughput in cell-free extracts using 384-well 
plates. 
 
Figure 2. Establishing a high-throughput screen for GCS activity. A) Reaction scheme 
indicating enzymes for each step. Overall, glycolyl-CoA formation is detected via the red 
fluorophore resorufin. B) Top, The reaction progress of AbfT-catalyzed CoA transfer from glycolyl-
CoA onto formate was monitored by LC-MS. Bottom, Michaelis-Menten plot of AbfT with glycolyl-
CoA as donor and formate (25 mM) as acceptor. Error bars indicate the standard deviation of 
three replicates. C) Reaction progress of the OXC-AbfT-GOX-HRP cascade. Resorufin was 
detected via fluorescence in a plate-reader and CoA-esters were detected by LC-MS. 
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Iterative Saturation Mutagenesis of MeOXC 
Having established a high-throughput screen, we created saturation mutagenesis libraries of 
the active site residues (see above) using the 22c trick to decrease the codon to amino acid 
ratio.28 To reduce the number of variants to be screened in the first round, we excluded Gly47, 
Gly414 and Met442. For the screen, we also employed sub-saturating concentrations of 
formaldehyde and formyl-CoA (50 mM and 0.5 mM, respectively), to identify MeOXC variants 
with improved activity and/or higher affinity for both substrates. 
In the first round of ISM (R1), libraries of position 48 and 571 contained only variants with 
reduced activity, suggesting that the isoleucine in both of these positions is critical to catalysis 
(Figure 3). Therefore, these residues were not screened in the following rounds R2 to R6. The 
libraries of the remaining six residues mostly contained variants with wild-type like activity but 
also some variants with significantly increased activity, indicating that these positions were 
generally good targets to improve enzyme activity (Figure 3). The best performing variant in 
R1 was an alanine to cysteine mutation in position 415. To confirm that the A415C variant was 
improved in catalysis, we purified this mutant and steady-state kinetics demonstrated that the 
mutation resulted in a decrease in the KM for formaldehyde by 3-fold, and formyl-CoA by 19-
fold (Table 2).  
Based on the positive results of the first round, we continued with ISM by using the best 
performing variant of each round as template and saturating all other remaining sites step-
wise. In R2, the mutation S568G conferred a ~3-fold improvement in formaldehyde affinity, 
prompting us to further decrease the formaldehyde concentration in R3 to 25 mM, where we 
identified E135G. For R4, we further lowered the concentration of formaldehyde to 10 mM to 
identify mutation Y497F. In R5, we screened the remaining residues 567 and 134, however, 
no more positive hits were found (Figure 3). We then screened a library in which position 134 
and 135 were combinatorically saturated (R6; 400 variants), but also this library contained no 
positive variants. Thus, after screening a total of ~3,600 clones in 6 rounds, we obtained the 
final variant carrying the four mutations E135G, A415C, Y497F and S568G, which we termed 
MeOXC4. 
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Figure 3. ISM of MeOXC for improved GCS activity. The saturation mutagenesis libraries were 
screened for GCS activity by the assay described in the main text. Plotted is the maximal slope 
versus end point of product formation. Each panel contains all libraries of the corresponding 
round. The best performing variants of each round were sequenced and their mutation is shown 
in the graphs with colored labels. As a reference, the parent (i.e. the template variant) was 
included in the screen. cf denotes the formaldehyde concentration in the screen, n is the total 
number of screened clones per round. 
 
 
Catalytic properties of MeOXC4 
Next, we characterized MeOXC1-4 in more detail. All variants were produced at similarly high 
levels in E. coli (Figure 4A), indicating that their improvement was based on increased catalytic 
properties, and not on improved solubility and/or stability. In each round of our ISM, catalytic 
efficiency was increased, ultimately resulting in a ~200-fold improvement in kcat/KM for both 
substrates in MeOXC4 (Figure 4B). This was caused by a 20-fold lowered KM for both 
substrates, in combination with a tenfold increased kcat (Table 2).  
We also tested whether MexOXC4 would promote the acyloin condensation of formyl-CoA with 
other acceptor substrates besides formaldehyde. MeOXC4 accepted a broad range of 
aldehyde substrates, including small hydrophilic and aliphatic aldehydes, bulky hydrophobic 
aldehydes and acetone, for which the WT had no detectable activity (Figure 4C).  
While HACL-activity was strongly improved over the course of the ISM, the MeOXC variants 
gradually lost their native OXC-activity (Figure 4B). MeOXC4 retained less than 0.2% catalytic 
A415C S568G E135G A415C S568G E135G Y497F
WT A415C A415C S568G
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efficiency for oxalyl-CoA decarboxylation (kcat = 0.21 ± 0.01 s-1 and KM = 122 ± 16 µM), 
indicating a tradeoff between OXC- and HACL-activity. This is exclusively due to a reduced 
kcat, as the KM remained virtually identical to wild-type MeOXC (105 µM).
19 Apparently, none of 
the mutations have an effect on oxalyl-CoA binding, which is in line with previous studies on 
OfOXC and MeOXC, where Tyr134, Glu135, Tyr497 and Ser568 were replaced by alanine 
without loss in affinity for oxalyl-CoA.19, 20 Overall, the four mutations in MeOXC4 caused a 
speficity switch between HACL and native OXC activity of ~3.6 × 106. 
 
Table 2. Steady-state parameters of MeOXC variants. Errors reflect the standard deviation of three 
independent measurements. Michaelis-Menten plots are shown in Figure S4. 
 
 
OXC is reversible – MeOXC4 not 
To confirm that the switch was achieved by suppressing native OXC activity, we also sought 
to test the reverse reaction of OXC. We envisioned an enzymatic cascade in which the product 
of the reverse reaction, oxalyl-CoA, is removed from the equilibrium by reduction to glycolate 
(Figure S5A). This setup would render the overall reaction thermodynamically favorable under 
standard conditions (∆G ≈ -19 kJ mol-1)29 and make the reaction, in contrast to earlier efforts,30 
reversible.  
For the first reduction step we confirmed the NADPH-dependent oxalyl-CoA reductase activity 
of M. extorquens gene product PanE231 via LC-MS and determined its kinetic parameters 
photospectrometrically (Figure S5B). GhrB from E. coli catalyzes the NADPH-dependent 
reduction of glyoxylate to glycolate.32 When tested in combination with PanE2 and GhrB, 
MeOXC WT was able to catalyze the carboxylation of formyl-CoA at a rate of ~0.5 min-1 (Figure 
S5C-E), while activity was completely abolished in MeOXC4 (Figure S5D), despite its higher 
formyl-CoA affinity, supporting that MeOXC4 lost its native OXC-activity. 














MeOXC 0.2 ± 0.01 100 ± 20 2 0.31 ± 0.08 3 ± 2 100 
MeOXC1 0.34 ± 0.01 30 ± 2 10 0.23 ± 0.01 0.16 ± 0.05 1,400 
MeOXC2 0.57 ± 0.05 12 ± 3 50 0.43 ± 0.02 0.09 ± 0.02 5,100 
MeOXC3 0.22 ± 0.03 8 ± 5 30 2.0 ± 0.5 0.19 ± 0.08 11,000 
MeOXC4 2.0 ± 0.2 5 ± 1 400 0.90 ± 0.07 0.05 ± 0.02 20,000 
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Figure 4. Characterization of MeOXC mutants from the ISM. A) SDS-PAGE analysis of the 
MeOXC mutants from each round of ISM, expressed in E. coli BL21. A total of 5 µg protein was 
loaded in each lane and empty pET-16b was used as negative control. B) Comparison of the 
OXC and GCS activities. OXC activity is the velocity of oxalyl-CoA decarboxylation at 1 mM 
oxalyl-CoA, relative to the wild-type. For GCS the absolute catalytic efficiency for formaldehyde 
is shown. C) Comparison of the aldehyde substrate scope of MeOXC and MeOXC4. Products 
were analyzed by LC-MS. Error bars show the standard deviation of three replicates. The 
numbers on the right indicate the fold change in activity of MeOXC4 compared to MeOXC. D) 
Formate and glycolate production in the E. coli whole-cell biotransformation system. Error bars 
show the standard deviation of three replicates. 
 
 
Structure of MeOXC4 
To better understand the effect of the mutations, we solved the crystal structure of MeOXC4 
at a resolution of 2.4 Å. The overall structure is virtually identical to MeOXC with a rmsd = 
0.190 Å for 8167 aligned atoms. As for MeOXC, we were not able to obtain interpretable 
electron density for the C-terminus, we therefore modelled the C-terminus based on OfOXC. 
The newly introduced sulfur moiety of Cys415 is in close contact with residue 568. This 
mutation caused a decrease in the KM for formyl-CoA by more than an order of magnitude 
(Table 2). No other amino acid substitution at this position had a beneficial effect on the activity 
(Figure 3), suggesting that the sulfide moiety of the cysteine enhances the affinity for formyl-
CoA. Ala415 is fully conserved in the OXC/HACL superfamily. Interestingly, introducing this 
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mutation into HACL from Syncephalastrum racemosum completely abolished GCS activity 
(data not shown). The C-terminal sequence shares no similarity between OXC and HACL 
(Figure 1A) and therefore, mutations around or in this region could have vastly different 
effects. 
Right next to A415C, the second mutation S568G opened up space to accommodate the larger 
side chain of Cys415. Notably, S568G was only beneficial in combination with A415C, as it 
was not detected in the first round of ISM (Figure 3). In OfOXC Tyr497 and Ser568 form 
hydrogen bonds with a water molecule (W3). W3 is in close contact (2.5 Å) with another water 
molecule (W2) that was proposed to protonate Cα of the carbanion/enamine intermediate.20 In 
MeOXC4, the two mutations S568G and Y497F abolished hydrogen bonding to W3, and 
thereby presumably changed the environment of W2.  
The third mutation E135G caused the most drastic structural change. Removal of the entire 
side chain of residue 135 created a cavity at the active site. As a consequence, the neighboring 
Tyr134 moved into this cavity (by ~0.8 Å at the hydroxyl group). In OfOXC, Tyr134 and Glu135 
form hydrogen bonds to a water molecule (W1) that is also close to W2 (3.5 Å). Thus, E135G 
further changed the environment of W2. 
Interestingly, none of the libraries at residue 134 contained a variant with improved activity, in 
fact, virtually all variants of these libraries performed worse than the corresponding parent 
(Figure 3). This suggests that Tyr135 is critical for GCS catalysis and the mutation E135G 
allowed for precise positioning of Tyr135. In HACL, C-C bond cleavage is initiated by proton 
abstraction from the 2-hydroxyl group of the carbanion/enamine intermediate. Conversely, the 
reverse, i.e. C-C bond forming reaction requires a proton donor. Given its positioning, Tyr135 
is a potential proton donor, which would explain why any mutation lead to reduced or abolished 
activity. 
Taken together the structural information indicate that the OXC and HACL activities are fine-
tuned by modulating the structure of the three water molecules, particularly W2. A structure 
with trapped intermediate(s) could give detailed insight into the mechanism, particularly the 
nature of the proton donor. 
 
In vivo application of MeOXC4  
We previously established a HACL-based whole-cell bioconversion system for the synthesis 
of glycolate from formaldehyde.18 Despite extensive optimization, product yield was limited by 
the low expression and activity of HACL. MeOXC4 on the other hand is produced in high titers 
in E. coli (Figure 4A) and has kinetic parameters that are comparable to the best performing 
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HACL, RuHACL (kcat/KM = 400 M-1 s-1 and 110 M-1 s-1, respectively). Indeed, the use of 
MeOXC4 increased glycolate production by a factor of ~2 compared to RuHACL (Figure 4D), 
confirming that MeOXC4 can act as a GCS in a physiological context. Taken together, our 
results demonstrate that we successfully turned MeOXC into a highly soluble GCS that may 
pave the way towards novel, synthetic one-carbon assimilation metabolism. 
 
3.3 Discussion 
Through ISM we successfully evolved OXC into a bona fide GCS. None of the newly introduced 
amino acids of MeOXC4 is found in the entire OXC/HACL family, which indicates that a fitness 
maximum for GCS activity was found in the evolutionary trajectory of the ISM that is vastly 
different from native HACLs. This raises the question how HACL and MeOXC4 are able to 
catalyze the same reaction with two significantly different active sites. 
It has been proposed that in OXC the enamine/α-carbanion intermediate is nonplanar, 
rendering the Cα more basic and facilitating the rate-limiting protonation step.20 In contrast, in 
other ThDP–dependent enzymes that require a second acceptor substrate, the enamine-like 
planar structure was observed.33-35 It is intriguing to speculate that MeOXC4’s increased 
carboligation activity is caused by a higher enamine character of the intermediate, which 
suppresses protonation and thereby favors nucleophilic attack on the aldehyde. This is further 
supported by the fact that we observed a tradeoff between OXC- and HACL-activity during 
ISM. 
Only two naturally occurring enzymes are known to catalyze formaldehyde fixation, 3-
hexulose-6-phosphate synthase (HPS) in the ribulose monophosphate pathway and 
formaldehyde transketolase (FTK) in the dihydroxyacetone pathway. HPS has formaldehyde 
KM in the range 0.15 to 3 mM
36, 37 and for FTK two values have been reported, 0.4 mM and 
1.9 mM.38, 39 Thus, with a KM of 5 mM, MeOXC4 is comparable to natural formaldehyde-fixing 
enzymes and is an excellent basis for synthetic carbon fixation pathways. 
We demonstrated that the active site of MeOXC is malleable and can be fine-tuned for activity 
towards carbonyl electrophiles. By exchanging formaldehyde with other aldehydes, our screen 
can be adapted to detect production of 2-hydroxy acids such as lactate, glycerate, 2-
hydroxyglutarate, mandelate and 3-phenyllactate. Specific oxidases as well as promiscuous 
CoA transferases have been described for most of these acids.40-44 
Establishing OXC/HACL as C-C bond formation platform may pave the way for biocatalytic 
production of valuable 2-hydroxy acids and novel artificial C1 assimilation pathways. Our 
results here showcase the great potential of enzyme engineering for synthetic biology. 
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3.4 Materials & Methods 
 
Chemicals 
Chemicals were obtained from Sigma-Aldrich (Munich, Germany) and Carl Roth GmbH 
(Karlsruhe, Germany). Coenzyme A was obtained from Roche Diagnostics Deutschland 
GmBH (Mannheim, Germany). Biochemicals, commercially available proteins and materials 
for cloning and protein production were obtained from Thermo Fisher Scientific (St. Leon-Rot, 
Germany), New England Biolabs GmbH (Frankfurt am Main, Germany) and Macherey-Nagel 
GmbH (Düren, Germany). Primers and synthesized genes were obtained from Eurofins MWG 
GmbH (Ebersberg, Germany). 
Formyl-CoA and oxalyl-CoA were synthesized as described previously.19 Glycolyl-CoA was 
synthesized via carbonyldiimidazole coupling, as described previously.45 Glycolyl-CoA was 
purified by preparative HPLC-MS with a methanol gradient in 25 mM ammonium formate pH 
4.2. The fractions containing the product were lyophilized and stored at -20 C. 
For use in assays and standards, CoA esters were dissolved in 100 mM potassium phosphate, 
pH 5.5. The concentration was determined by enzymatic depletion with PduP46, following 
NADH consumption at 340 nm. 
 
 
Cloning and Mutagenesis 
The overexpression plasmids for AbfT, FRC and PCTs were obtained from the internal lab 
collection. Human GOX was codon optimized and synthesized by Twist Bioscience. panE2 
was PCR-amplified from M. extorquens chromosomal DNA using the corresponding primers 
(Table S1). The purified PCR products were digested with NdeI and BamHI and ligated into 
pET-16b. Correct cloning was confirmed by sequencing (Eurofins Genomics, Ebersbach, 
Germany). The overexpression plasmid for GhrB was obtained from the ASKA collection.47 
Point mutations were introduced by PCR using mismatch primers (Table S1). A 50 µL reaction 
contained 60 ng of template DNA, 0.25 µM forward and reverse primer, 200 µM dNTP, 5 µL 
10x Reaction Buffer, 1 µL Phusion polymerase (2 U/µL). Template plasmid was removed by 
DpnI digest (10 U) at 37 °C immediately after PCR amplification. Mutations were confirmed by 
sequencing. 
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Table S1. Primers used in this study. N = A, C, G, T. D = A, G, T. H = A, C, T. V = A, C, G. 
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Protein Production and Purification 
All proteins were heterologously produced in E. coli BL21 (DE3). 500 mL TB containing 100 
µg/mL ampicillin (OXC, GOX, FRC, AbfT, PCTs, PduP, PanE2) or 34 µg/mL chloramphenicol 
(GhrB) was inoculated with freshly-transformed cells and incubated at 37 °C. After reaching 
an OD600 of 0.8 expression was induced by adding IPTG to a final concentration of 0.5 mM 
and the incubation temperature was lowered to 25 °C. After reaching an OD600 of 0.8 the culture 
was cooled on ice for 15 min. Then expression was induced by adding IPTG to a final 
concentration of 0.1 mM and the incubation temperature was lowered to 15 °C. Cells were 
harvested after 16 h by centrifugation (4500× g, 10 min) and resuspended in buffer A (500 mM 
KCl, 50 mM HEPES-KOH pH 7.8). If not used immediately, cell pellets were stored at −20 °C. 
The cell lysate obtained by sonication was clarified by centrifugation 75,000× g at 4 °C for 45 
min. The supernatant was filtered through a 0.4 µm syringe tip filter (Sarstedt, Nümbrecht, 
Germany). Ni-affinity purification was performed with an Äkta FPLC system from GE 
Healthcare (GE Healthcare, Freiburg, Germany). The filtered soluble lysate was loaded onto 
a 1 mL Ni-Sepharose Fast Flow column (HisTrap FF, GE Healthcare, Little Chalfont, UK) that 
had beenx equilibrated with 10 mL buffer A. After washing with 20 mL 85% buffer A, 15% buffer 
B (500 mM KCl, 50 mM HEPES-KOH pH 7.8, 500 mM imidazole), the protein was eluted with 
100% buffer B. Fractions containing purified protein were pooled and the buffer was exchanged 
to storage buffer (150 mM KCl, 50 mM HEPES-KOH pH 7.8) with a desalting column (HiTrap, 
GE Healthcare). PduP was applied to a 1 ml StrepTrap column (GE Healthcare) that had been 
equilibrated with storage buffer. The column was washed with storage buffer and the 
recombinant enzyme was eluted with storage buffer containing 2.5 mM desthiobiotin. Proteins 
were concentrated by ultrafiltration (Amicon Ultra). Concentration was determined on a 
NanoDrop 2000 Spectrophotometer (Thermo Scientific, Waltham, MA, USA) using the 
extinction coefficient at 280 nm, as calculated by protparam 
(https://web.expasy.org/protparam/). Enzyme purity was confirmed by SDS-PAGE. The 
purified proteins were stored in 50% glycerol at −20 °C. OXC wild-type and mutants were flash-
frozen in liquid nitrogen and stored at −80 °C. 
 
Crystallization & Structure Determination 
MeOXC and MeOXC4 were purified as described above. Immediately after affinity purification, 
the eluate was loaded onto a Sepharose Gel Filtration column equilibrated in SEC Buffer (75 
mM KCl, 25 mM HEPES-KOH pH 7.8). Fractions corresponding to tetrameric enzyme were 
collected, pooled and concentrated to 10 mg/mL on 30,000 MWCO filters (Amicon Ultra). 
Enzyme purity was evaluated via SDS page. The enzyme was supplemented with 10 mM 
MgCl2, 2 mM TPP and 1 mM CoA and crystal plates were seeded using the sitting drop method, 
diluting equal volume of enzyme in reservoir solution. The reservoir solution contained for 
MeOXC 45 % w/v Pentaerythritol ethoxylate (3/4 EO/OH), 100 mM Sodium acetate pH 4.6, 
400 mM KCl); and for MeOXC4 25 % w/v Pentaerythritol propoxylate (17/8 PO/OH), 100 mM 
TRIS pH 8.5, 50 mM MgCl2). Substrate soaking with mandelyl-CoA or glycolyl-CoA impacted 
the final resolution of the crystals without revealing electron density for these ligands.  
Data for MeOXC was collected at the Beamline ID23 -1 (European Synchrotron Radiation 
Facility, Grenoble, France), whereas Data for MeOXC4 was collected at the Beamline P13 
(Deutsches Elektronen-Synchrotron, Hamburg, Germany). All images were processed using 
XDS.48 The data set was scaled using the program suite ccp4.49 The Phenix software 
package50 was used to perform molecular replacement (PhaserMR) for phasing of the MeOXC 
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dataset by using the oxalyl-CoA decarboxylase from Oxalobacter formigenes (PDB 2C31) as 
search model. The refined structure of MeOXC was then used as search model for MeOXC4. 
Initial models were built with Phenix.AutoBuild and refined with the phenix.refine. Manual 
refinement and ligand modelling was done in COOT.51 Final B-facor refinement and water 
positioning was also performed via phenix.refine. 
Table S2.  Data collection and refinement statistics. 
 MeOXC MeOXC4 
Beam line ESRF_ID23eh1, Gernoble, France DESY P13, Hamburg, Germany 
PDB ID tbd tbd 
Ligands TPP, ADP, Mg2+ TPP, ADP, Mg2+ 
Wavelength (Å) 0.972 0.976 
Resolution range (Å) 39.11 - 1.9 (1.968 - 1.9) 29.97 - 2.401 (2.487 - 2.401) 
Space group P 21 21 21 P 21 21 21 
Unit cell dimensions a, b, c (Å) 160.176, 181.798, 202.366 161.112, 180.355, 202.032 
                                 α, β, γ (°) 90, 90, 90 90, 90, 90 
Total reflections 2591098 (355003) 3098058 (454913) 
Unique reflections 455609 (65577) 228390 (32969) 
Multiplicity 5.7 (5.4) 13.6 (13.8) 
Completeness (%) 98.64 (97.25) 99.41 (99.26) 
Mean (I)/σ (I) 8.82 (1.99) 7.41 (2.09) 
Wilson B-factor (Å2) 23.99 25.58 
Rmerge 0.04624 (0.367) 0.06957 (0.3255) 
Rmeas 0.06539 (0.519) 0.09839 (0.4604) 
CC1/2 0.997 (0.883) 0.997 (0.92) 
Reflections used in refinement 454237 (44467) 227340 (22473) 
Reflections used for Rfree 1987 (195) 1991 (196) 
Rwork 0.1611 (0.3061) 0.2093 (0.2721) 
Rfree 0.1940 (0.3227) 0.2570 (0.3576) 
Number of non-hydrogen atoms 36766 34358 
      macromolecules 32572 32361 
      ligands 432 432 
      solvent 3762 1565 
Protein residues 4397 4385 
RMS(bonds) (Å) 0.011 0.012 
RMS(angles) (°) 1.07 1.45 
Ramachandran favored (%) 97.59 96.92 
Ramachandran allowed (%) 2.23 2.74 
Ramachandran outliers (%) 0.18 0.35 
Rotamer outliers (%) 0.79 2.72 
Average B-factor 29.09 34.79 
       macromolecules 28.30 34.83 
       ligands 23.95 31.12 
       solvent 36.53 35.05 
Statistics for the highest-resolution shell are shown in parentheses. tbd, to be determined. 
 
LC-MS analysis of CoA-esters 
Samples were prepared for LC-MS analysis by quenching an aliquot of a reaction with formic 
acid (final concentration 4%) and centrifuging for 10 min at 17,000 rcf, to remove precipitated 
proteins. Samples were diluted 1:10 in H2O before analysis. 
Quantitative determination of glycolyl-CoA was done by LC-MS/MS. The chromatographic 
separation was performed on an Agilent Infinity II 1290 HPLC system using a EVO C18 column 
(50 × 2.1 mm, 1.7 μm particle size, 100 Å pore size) connected to a guard column of the same 
specification (20 × 2.1 mm, 5 μm particle size) (Phenomoenx, Torrance, CA, USA) a constant 
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flow rate of 0.25 ml/min with mobile phase A being 50 mM Ammonium Formate (Sigma-Alrich, 
St. Lois, MO, USA) and phase B being Methanol 99.9% LC-MS (VWR, Darmstadt, Germany) 
at 25° C . The injection volume was 2 µl. The mobile phase profile consisted of the following 
steps and linear gradients: 0 – 4.5 min constant at 3 % B; 4.5 – 5.5 min from 3 to 80 % B; 5.5 
– 6.5 min constant at 80 % B; 6.5 – 7.5 min from 80 to 3 % B; 7.5 – 8.5 min constant at 3 % B. 
An Agilent 6495 ion funnel mass spectrometer was used in positive mode with an electrospray 
ionization source and the following conditions: ESI spray voltage 1000 V, sheath gas 400° C 
at 12 l/min, nebulizer pressure 20 psig and drying gas 100° C at 11 l/min. Compounds were 
identified based on their mass transition and retention time compared to standards. 
Chromatograms were integrated using MassHunter software (Agilent, Santa Clara, CA, USA). 
Absolute concentrations were calculated based on an external calibration curve prepared in 
sample matrix after confirming that the analyte cannot be detected in the matrix prior to 
standard addition.  
Qualitative analysis of CoA esters (Figure 4C) was performed using UPLC-high resolution MS 
as described previously.14  
 
GFT screen 
For the initial screen, 50 mM TES-KOH pH 6.8, 100 mM sodium formate and 1 µM transferase 
(FRC, AbfT, CnPCT, CpPCT) were mixed in a 1.5 mL microfuge tube at 30 °C. The reaction 
was started by addition of 1 mM glycolyl-CoA. Samples were taken after 5 and 60 min and 
analyzed with the CoA ester method described above. For the second screen, 50 mM TES-
KOH pH 6.8, 50 mM sodium formate and 2.5 µM transferase (AbfT, CnPCT) were mixed in a 
1.5 mL microfuge tube at 30 °C. The reaction was started by addition of 0.5 mM glycolyl-CoA. 




GCS kinetics for formaldehyde were determined in reactions containing 100 mM potassium 
phosphate pH 6.9, 10 mM MgCl2, 500 µM ADP, 150 µM TPP and 1 mM formyl-CoA. Enzyme 
concentration was varied for each mutant and initial velocity was determined for five 
formaldehyde concentrations, as shown in Table S3. Similarly, kinetics for formyl-CoA were 
determined using reactions containing 100 mM potassium phosphate pH 6.9, 10 mM MgCl2, 
500 µM ADP and 150 µM TPP. Formaldehyde and enzyme concentration were varied for each 
mutant to achieve saturating conditions and initial velocity was determined for six formyl-CoA 
concentrations as shown in Table S3. Reactions were incubated at 30 °C and samples were 
taken at 1, 2 and 5 min. Samples analysed by LC-MS as described above. Data was analysed 
in GraphPad Prism using a Michalis Menten fit. A gel of the purified MeOXC variants is shown 
in Figure S3. 
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Table S3. Concentrations of substrates and enzymes in determination of GCS steady-state parameters 
of MeOXC variants. Enz, enzyme; FALD, formaldehyde; F-CoA, formyl-CoA 
 













MeOXC 5 500, 200, 100, 50, 20 1 5 500 12.5, 7.5, 3.75, 2.5, 1.25, 0.5 
MeOXC1 5 100, 50, 20, 10, 4 1 2 150 7.5, 4.5, 2.25, 1.5, 0.75, 0.3 
MeOXC2 2.5 50, 20, 10, 5, 2 1 1 80 1, 0.6, 0.3, 0.2, 0.1, 0.05 
MeOXC3 0.5 200, 100, 40, 20, 8 1 1 35 0.25, 0.15, 0.075, 0.05, 0.025, 0.01 
MeOXC4 1 25, 10, 5, 2, 1 1 0.2 30 1.5, 1, 0.45, 0.3, 0.15, 0.05 
 
Aldehyde scope of MeOXC vs MeOXC4 
The aldehyde scope of MeOXC and MeOXC4 was evaluated via LC-MS. Reactions contained 
100 mM potassium phosphate pH 6.9, 5 mM MgCl2, 150 µM TPP, 1 mM formyl-CoA, 10 µM of 
MeOXC or MeOXC4 and either 100 mM formaldehyde, acetaldehyde, propionaldehyde or 
glycolaldehyde, or 20 mM benzaldehyde or phenylacetaldehyde, or 1 M acetone. Reactions 
were incubated at 30 °C for 10 min and then quenched for LC-MS analysis. 
 
ISM of MeOXC  
ISM was performed on pET16b_mexOXC using the 22c trick28 and the primers listed in Table 
S1. Briefly, NDT, VHG and TGG forward primers were mixed at a ratio of 12:9:1 to create a 
forward primer mix. 50 µl PCR reactions contained 1x Q5 Buffer (NEB), 1x High GC enhancer 
(NEB), 0.4 mM dNTPs (Thermo Fisher), 0.8 µM forward primer mix, 0.8 µM reverse primer, 50 
ng template DNA and 0.5 µl Q5 HF polymerase (NEB). Per target site, 4 50 µl PCR reactions 
were run in parallel. Two-step PCR Cycles were performed as follows: 30 s 98 °C, 32x [10 s 
98 °C and 72 °C 6 min], final extension 72 °C 15 min, 4 °C hold. PCR product was purified 
using the Machery Nagel NucleoSpin Gel and PCR Clean-up kit and digested overnight at 37 
°C using DpnI FD (Thermo Fisher) and the supplied buffer. Digested DNA was purified again 
and transformed into chemically competent DH5α cells (Invitrogen) by standard methods. After 
selection on LB plates supplied with ampicillin, colonies were washed from the plates, purified 
using the NucleoSpin Plasmid Miniprep kit (Machery Nagel) and send for sequencing 
(Microsynth). Library quality was evaluated from the Sanger sequencing traces (Figure S2). 
For the activity screen, libraries were transformed into competent E.coli BL21(DE3). 
Transformants were picked into 600 µl LB Amp100 in 2.0 ml 96 Deep Well Plates with V Bottom 
(Plate One). As a control, each plate was also inoculated with the corresponding parent variant 
in the E.coli BL21(DE3) background. The 96-well plates were sealed with Rotilabo Cell Culture 
Sealing Film (Carl Roth) and grown overnight at 37 °C, 180 rpm. The next day, fresh plates 
were inoculated using 30 µl of starter culture and again 600 µl LB Amp100. The master plates 
were supplemented with 200 µl 80% glycerol per well and stored at -80 °C. The fresh plates 
were grown at 37 °C, 180 rpm to OD600 = 0.4-0.6 and then induced by addition of 250 µM IPTG. 
Overexpression occurred for 16 h at 25 °C, 180 rpm. Cells were harvested by centrifugation in 
a Multifuge X1R (Heraeus) at 2000 g, 4 °C for 30 min. LB was removed and cell pellets were 
lysed by addition of 60 µl CellLytic B Cell Lysis Reagent (Sigma Aldrich) and incubation for 10 
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min at 20 °C, 120 rpm. Cell debris was spun down by centrifugation at 2000 g, 4 °C for 5 min. 
Lysate screens were performed in an Infinite M PLEX plate reader (Tecan) using 100 mM 
K2HPO4, pH 7.5, 5 mM MgCl2, 150 µM ThDP, 50 mM formate, 50 – 10 mM formaldehyde, 0.5 
mM formyl-CoA, 0.5 mM Ampliflu Red (Sigma Aldrich), 1 U/mL horse-radish peroxidase 
(Sigma Aldrich), 2.5 µM purified GOX, 1 µM purified AbfT and 20% (v/v) OXC lysate. Product 
formation was followed for 2 h. The maximal slope was determined via the first derivative of 
the production formation. To identify positive clones, end point concentration was plotted 
versus maximal slope. Positive clones were sequenced using the frozen master plates for re-
inoculation. Improved activity of the purified enzyme mutant was confirmed using the same 
reaction conditions as for the library screen. 
 
Spectrophotometric enzyme assays 
Spectrophotometric assays were performed on a Cary-60 UV/Vis spectrophotometer (Agilent) 
at 30°C using quartz cuvettes (10 mm path length; Hellma). For the determination of steady-
state kinetic parameters, each concentration was measured in triplicates and the obtained 
curves were fit using GraphPad Prism 7. The data was fit to the Michaelis-Menten equation to 
obtain kcat and KM values.  
AbfT. For the glycolyl-CoA:formate transferase activity of AbfT an assay containing 50 mM 
MES-KOH pH 6.8, 5 mM disodium oxalate, 50 mM sodium formate, 0.3 mM NADPH, 1.5 µM 
FRC, 0.2 µM PanE2 and 2 µM AbfT was preincubated for 2 min and the reaction started by 
adding glycolyl-CoA (2.5, 5, 10, 25, 100 and 150 µM). Reaction procedure was monitored by 
following the oxidation of NADPH at 340 nm. 
OXC forward. The oxalyl-CoA decarboxylase activity was measured as described 
previously.19 50 mM MES-KOH pH 6.5, 0.3 mM NADH, 10 mM MgCl2, 0.5 mM ADP, 0.15 mM 
TPP, 5 µM PduP, and OXC (concentration depending on the mutant) was preincubated for 2 
min and the reaction started by adding oxalyl-CoA (concentrations depending on the mutant). 
Reaction procedure was monitored by following the oxidation of NADH at 340 nm. 
OXC reverse. The reverse reaction of OXC was monitored by mixing 50 mM potassium 
phosphate pH 6.5, 100 mM NaHCO3, 0.3 mM NADPH, 5 mM MgCl2, 0.5 mM ADP, 0.15 mM 
TPP, 1 mM formyl-CoA, 1µg/ml carbonic anhydrase, 0.6 µM PanE2, 2 µM GhrB, 6.6 µM OXC. 
The reaction was started by adding OXC and formyl-CoA, respectively, and activity monitored 
by following the oxidation of NADPH at 340 nm. Activity only occurred after addition of the last 
component. 
PanE2. For the oxalyl-CoA reductase activity of PanE2 an assay containing 100 mM 
potassium phosphate pH 7.5, 0.5 mM NADPH, 18 nM PanE2 was preincubated for 2 min and 
the reaction started by adding oxalyl-CoA to a final concentration of 5, 12.5, 25, 100 and 250 
µM, respectively. Reaction procedure was monitored by following the oxidation of NADPH at 
365 nm (ε365nm = 3.4 mM-1 cm-1). 
 
E. coli whole-cell biotransformation 
E. coli whole-cell biotransformations of formaldehyde to glycolate were performed as described 
previously.18 MeOXC variants were tested by exchanging the HACL gene with the 
corresponding MeOXC gene.  
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3.6 Supplementary Figures 
 
Figure S1. A) CoA transferases screen for GFT activity. Formyl-CoA was detected by LC-MS. Activity was 
normalized to the highest activity (AbfT). FRC is formyl-CoA:oxalate CoA-transferase from Oxalobacter 
formigenes, AbfT is 4-hydroxybutyrate CoA-transferase from Clostridium aminobutyricum, CnPCT is 
propionyl-CoA transferase from Cupriavidus necator, CpPCT is propionyl-CoA transferase from Clostridium 
propionicum. B) The reaction progress of AbfT-catalyzed CoA transfer from glycolyl-CoA onto formate was 
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Figure S4. Michaelis-Menten graphs of MeOXC variants with formaldehyde (top) and formyl-CoA (bottom) 
as substrate. In the box is MeOXC4 with oxalyl-CoA as substrate. 
 
  






































































































































































































































































kcat = 0.21  0.01 s
-1
KM = 122  16 µM
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Figure S5. Reverse reaction of OXC. A) Reaction scheme of the OXC-PanE2-GhrB cascade, converting 
formyl-CoA and CO2 into glycolate under consumption of 2 NADPH. B) Michaelis-Menten plot of PanE2 
catalyzing the NADPH-dependent reduction of oxalyl-CoA to glyoxylate. The NADPH concentration was 
0.25 mM. Error bars indicate the standard deviation of three replicates. C & D) Operation of the full cascade 
was monitored by NADPH oxidation (340 nm). The arrows indicate the addition of formyl-CoA (C), or 
MeOXC (D). E) LC-MS detection of 13C-glycolate produced in the cascade reaction with wild-type OXC or 
the mutant E70A, which is catalytically inactive. That E70A does not show any product formation confirms 
that the reaction is not catalyzed by free or unspecifically bound ThDP. The kobs values in D & E were 
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kcat = 55  5 s
-1
KM = 52  13 µM
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Abstract 
Formate can be produced from CO2 with renewable energy, making it a promising microbial 
feedstock for sustainable bioproduction. However, only very few natural formatotrophs are 
biotechnologically relevant or they employ formate fixation pathways that are not operating at 
energetic optimum. Here we propose two energy-efficient synthetic formate fixation pathways 
based on C-C bond formation by pyruvate formate-lyase. These pathways can use formate 
directly for C-C bond formation without prior ATP-dependent activation, which is common to 
natural formate assimilation pathways. We characterized and engineered enzymes for the 
three reaction steps activation, C-C bond formation and reduction. We then demonstrate in 
vitro that the glycolyl-CoA pathway is able to convert formate and glycolate into D-glycerate at 
the expense of 2 ATP and 1 NADPH. Implementing this three-enzyme pathway in vivo may 
pave the way for synthetic formate assimilation and ultimately enable bioproduction of value-
added multicarbon compounds from formate. 
  




Engineered microbial growth on formate or methanol is a central goal of synthetic 
metabolism.1-4 These one-carbon (C1) compounds can efficiently be derived from CO2 with 
renewable energy5 and are miscible in water, which avoids mass transfer limitations that apply 
to gaseous C1 compounds. Despite ongoing progress, the cultivation and engineering of 
natural methylo- and formatotrophs remains challenging.6 Recent efforts have therefore sought 
to engineer biotechnologically relevant platform organisms such as E. coli and S. cerevisiae 
for growth on methanol or formate. This has been achieved by transferring the required genes 
of the naturally occurring C1 fixation pathways ribulose monophosphate (RuMP)7-10, the 
dihydroxyacetone (DHA)11 and the serine cycle12 into these hosts.  
While this approach enabled assimilation of C1 compounds, it is limited by the shortcomings 
of the natural metabolic pathways, such as non-optimal resource utilization or incompatibility 
with the host organism.13 Synthetic C1-assimilating pathways are designed to be more energy 
efficient while limiting overlap with endogenous metabolism and several recent examples 
showcase their potential.14-19 Another major drawback of utilizing naturally occurring methanol 
and formate fixation pathways is that carbon is almost exclusively assimilated in the form-
aldehyde oxidation state. In a thermodynamically challenging reaction methanol or formate are 
first converted to formaldehyde, an intermediate that is highly cytotoxic to most organisms.20 
To circumvent this undesired intermediate, we sought to establish a C1 fixation pathway that 
directly assimilates the significantly less toxic formate. 
Only two natural pathways are known to support growth on formate as sole carbon source, the 
serine cycle, and the reductive acetyl-CoA pathway.21 Recently, the reductive glycine pathway 
was proposed to support growth on formate, however, experimental evidence is lacking.22 
Interestingly, this pathway had previously been designed as synthetic pathway23 and virtually 
simultaneously to its discovery in nature, it was implemented in E. coli and Cupriavidus 
necator.24-26 In these organisms, synthetic methyl- and formatotrophy was established through 
adaptive laboratory evolution.26, 27 Common to all three formate fixation pathways is that 
formate is first activated to formyl-THF at the expense of ATP.21 This is necessary because 
the carbon atom of formate is neither nucleophilic nor electrophilic, which makes C-C bond 
formation difficult. The direct use of formate would avoid ATP consumption and may therefore 
enable more energy-efficient formate assimilation.21 
One way to overcome the low reactivity of formate is to employ radical based C-C bond forming 
reactions. The glycyl radical enzyme pyruvate formate-lyase (PFL) catalyzes pyruvate 
cleavage into acetyl-CoA and formate during mixed acid fermentation. It has previously been 
demonstrated that PFL is able to catalyze the reverse reaction in vitro28-30 and this reaction is 
reversible under physiological conditions (ΔrG′m = -21 kJ/mol).
31 While there is no evidence 
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that PFL operates in the pyruvate synthesis direction in nature, the potential of PFL-mediated 
synthetic formate assimilation was demonstrated in E. coli.32  
Recently, PFL from E. coli (EcPFL) was shown to condense propionyl-CoA and formate to 2-
ketobutyrate in vivo.33 Additionally, E coli possesses another PFL-like enzyme (TdcE), which 
catalyzes the condensation of formate with acetyl-CoA and propionyl-CoA, respectively.34 
Based on these observations we reasoned that PFL or TdcE might be able to use other acyl-
CoA donors. Promiscuity towards the accepted acyl-CoA substrates would lead to the 
production of different 2-keto acid products and may pave the way for synthetic formate fixation 
pathways.21  
Here, we propose two synthetic formate pathways that rely on promiscuous PFL activity 
(Scheme 1). The formyl-CoA pathway (FCP) converts 2 molecules of formate into glycolate 
using one NADPH and two ATP equivalents with favorable thermodynamics 
(ΔrG′m = -53 kJ/mol).
31 The glycolyl-CoA pathway (GCP) converts formate and glycolate into 
glycerate under consumption of one NADPH and two ATP equivalents with weak thermody-
namic driving force (ΔrG′m = -3 kJ/mol).
31 In the first step the acid is activated to the 
corresponding CoA ester by an acyl-CoA synthetase. PFL then condenses the CoA ester with 
formate, giving rise to a 2-keto acid, which is subsequently reduced to the corresponding 2-
hydroxy acid. In principle the FCP and the GCP can be combined to synthesize glycerate from 
three molecules of formate with 4 ATP and 2 NADPH. This hypothetical pathway consisting of 
merely 6 reactions constitutes one of the most energy-efficient one-carbon fixation pathways.21 
Scheme 1. The proposed synthetic formate fixation pathways. In step 1, formate or glycolate are 
activated to the corresponding CoA-ester, which are condensed with formate in step 2 to yield 
glyoxylate or hydroxypyruvate. In step 3 the 2-keto acids are reduced to 2-hydroxy acids glycolate 
and D-glycerate, respectively. Overall, both pathways extend a carboxylic acid by one carbon 



















To establish the FCP and GCP in vitro, we set out to identify enzymes for each reaction. The 
first two steps of both pathways are not known to occur in nature. Only for the last steps, i.e. 
the reduction of glyoxylate and hydroxypyruvate, enzymes are described. Conveniently, GhrB 
from E. coli catalyzes both reactions with high catalytic efficiency,35 and was therefore the 2-
keto acid reductase of choice for both pathways.  
First, we focused on the activation of formate and glycolate to the corresponding CoA ester. 
We have previously engineered an acetyl-CoA synthetase (ACS) from Erythrobacter sp. NAP1 
(EryACS) for improved glycolate activity, by introducing the active site mutation V379A.36 The 
activity was further increased by producing the enzyme in an E. coli strain lacking the peptidyl-
lysine N-acetyltransferase PatZ, which inhibits ACS.37 The resulting glycolyl-CoA synthetase 
(GCS) showed good kinetic parameters with glycolate as substrate: kcat = 11.1 ± 0.6 s-1 and 
app. KM = 13 ± 3 mM.
36 
ACS from E. coli has been reported to accept formate as substrate, albeit with low catalytic 
efficiency.38 EryACS showed slightly better kinetics (Table 1) and we therefore engineered this 
homologue to improve its formate activity. In GCS, Val379 was mutated to Ala, which opens 
up the active site to accommodate glycolate. Similarly, we replaced Val379 by Ile, which should 
improve formate binding. Indeed, the catalytic efficiency increased by a factor of ~3, mainly 
through an improved turnover number (Table 1). In contrast, V379A and V379N had lower 
activity and affinity on formate. We also targeted Thr304 for mutagenesis, because it is in close 
proximity of Val379 (Figure S1). T304N had a slightly higher activity, however, combining this 
mutation with V379I resulted in a very high apparent KM. As is the case for GCS, the activity of 
EryACS V379I was further increased by expression in an E. coli strain lacking PatZ. Overall, 
our rational engineering efforts resulted in a formyl-CoA synthetase (FCS) with ~17-fold higher 
catalytic effiency compared to the wild-type (Table 1).  
The mutation V379I led to an approximately ten-fold higher KM for acetate (Table 1). Together 
with our previous efforts on GCS, these results underline the importance of Val379 in substrate 
recognition and demonstrate that mutations can enhance the activity of ACS with other 
carboxylic acids. 
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Table 1: Steady-state kinetic parameters of EryACS with formate and acetate as substrate.  
Errors reflect standard deviation of three independent measurements. Michaelis-Menten graphs are 
shown in Figure S2. FCS is EryACS V379I produced in E. coli ΔpatZ. n.d., not determined. 
 
Having identified enzymes for the first and the third step, we focused on the C-C bond forming 
reaction between formate and formyl-CoA or glycolyl-CoA. As mentioned above, we 
hypothesized that PFL may exhibit promiscuous activity for these non-natural substrates. 
Despite the broad abundance of PFL among bacterial and eukaryotic species (Figure 1C), 
biochemical characterization is limited to very few homologues. So far, only three PFLs (from 
E. coli, Streptococcus mutans and Chlamydomonas reinhardtii) and TdcE have been 
characterized biochemically.34, 39-41 
To better understand the activity and substrate scope within the PFL enzyme family, we 
performed a phylogenetic analysis of 500 PFL sequences, to inform the selection of candidates 
to study. All sequences not containing the active site motif Cys-Cys were discarded, as this 
has been shown to be strictly required for PFL activity.42 The multiple sequence alignment 
(MSA) combined with the EcPFL structure showed that the active site is highly conserved 
throughout all PFLs (Figure S3). An exception is TdcE with the two substitutions A273G and 
Y323F (Figure 1A & 1B), which open up the active site to accept bulkier substrates, in line 
with TdcE’s role as 2-ketobutyrate-cleaving enzyme.34 Interestingly, TdcE is the enzyme in our 
MSA with these mutations, suggesting that the anaerobic threonine degradation pathway to 
which TdcE belongs is rare or that a “true” PFL may catalyze this reaction in other organisms. 
The second exception are Streptococcus PFLs, which carry the substitution F327Y and W333F 
(Figure S3). These PFLs differ from all others not only in the active site residues, but also in 
their overall sequence and form a distinct monophyletic clade (Figure 1C). Additionally, our 
analysis again highlighted that multiple phylogenetically distinct clades have no characterized 















EcACS 0.10 ± 0.01 122 ± 23 0.8 
 
n.d. n.d. n.d. 
EryACS 0.67 ± 0.03 73 ± 8 9.2 
 
0.95 ± 0.03 27 ± 4 3.5 × 104 
T304N 1.5 ± 0.1 121 ± 18 12 
 
n.d. n.d. n.d. 
T304I 0.41 ± 0.03 39 ± 7 11 
 
n.d. n.d. n.d. 
V379A 0.16 ± 0.01 158 ± 20 1 
 
n.d. n.d. n.d. 
V379N 0.16 ± 0.01 366 ± 61 0.4 
 
n.d. n.d. n.d. 
V379I 2.5 ± 0.2 82 ± 13 30 
 
3.1 ± 0.1 201 ± 16 1.5 × 104 
T304N V379I 0.5 ± 0.1 328 ± 112 1.5 
 
n.d. n.d. n.d. 
FCS 17.4 ± 1.3 113 ± 17 153 
 
16.9 ± 1.3 250 ± 46 6.7 × 104 
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representative. Based on our analysis we selected PFL from E. coli, S. mutans, and 
Clostridium butyricum (two paralogues, abbreviated by their amino acid length as Cb743 and 
Cb750) for detailed biochemical characterization. 
Figure 1. Structural and phylogenetic analysis of the PFL family. A) Active site of EcPFL 
(PDB code 1H16). Amino acids are shown in green, pyruvate in yellow. Ala273 and Tyr323 are 
in close contact with the methyl moiety of pyruvate. B) Homology model of TdcE based in EcPFL 
(PDB code 1H16) Amino acids are shown in purple, pyruvate in yellow. In comparison to EcPFL, 
Phe328 and Gly277 create space to accommodate the larger substrate 2-ketobutyrate. C) 
Phylogenetic tree of the PFL protein family. EcPFL, Cb743, Cb759 and SmPFL were selected for 
detailed characterization, based on their distribution over different clades and are highlighted on 
the phylogeny by black labels. The scale bar shows the average number of amino acid 
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PFL requires activation by its activating enzyme (AE), a radical SAM enzyme containing an 
oxygen labile [4Fe-4S]-cluster.43 Initially we used the AE from E. coli (EcAE) for activation of 
all PFLs. Activity was, however, only detected for EcPFL, suggesting that EcAE is not able to 
activate Cb743, Cb750 and SmPFL (Table 3). This prompted us to test AEs from C. butyricum 
(CbAE) and S. mutans (SmAE). After iron-sulfur cluster reconstitution, all AEs had increased 
absorbance in the 400 to 500 nm range, indicating a higher [4Fe-4S]-cluster content 
(Figure 2), and were able to activate their corresponding PFL (Table 3). Notably, CbAE was 
also able to activate all other PFLs to some extent (Table 3). These results confirm the 
activities of CbAE, SmAE, Cb743, Cb750 and SmPFL in vitro and indicate that AEs exert a 
degree of specificity for their cognate interaction partner. For further in vitro characterization 
we therefore used the corresponding AE for each PFL.  
Figure 2. UV-Vis spectra of the AEs before (dashed line) and after reconstitution (solid line). The 
increased absorbance between 400 and 500 nm is indicative of a higher [4Fe-4S]-cluster content. 
 
 
Table 3. Relative pyruvate cleavage activity of PFL homologues activated by EcAE, CbAE or SmAE.  
Activity is given relative to the cognate interaction and errors indicate standard deviation of three 
independent measurements.  
 
With the aim of finding PFL variants with good kinetic traits, especially in the formate 
condensation direction, we determined steady-state kinetics for all PFLs in the pyruvate 
cleavage (forward) and pyruvate formation (reverse) direction. In the forward direction, 
turnover numbers were between 109 and 170 s-1, and in the reverse direction between 30 and 
70 s-1 (Table 4). In both cases the kcat values are more than five times higher than the 
previously reported ones,39 confirming that our activation protocol yields highly active PFL. 
 EcPFL Cb750 Cb743 SmPFL 
EcAE 100% <1% <1% <1% 
CbAE 70 ± 15 % 100% 100% 10 ± 4 % 
SmAE <1% <1% 5 ± 2 % 100% 
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EcPFL has a comparably low KM for pyruvate of 0.6 mM and the KM for formate was 
approximately 50 mM for all PFLs (Table 4). Cb743 gave inconsistent results, presumably 
caused by incomplete and unreliable activation by CbAE. C. butyricum has other 
uncharacterized AEs, which could be the physiological partner of Cb743. Overall, these results 
indicate that PFLs from the selected, phylogenetically distinct clades have similar kinetic 
properties. 
 
Table 4. Apparent steady-state kinetic parameters of PFL homologues. 
 Pyruvate CoA Acetyl-CoA Formate 
Enzyme kcat (s-1) KM (mM) kcat (s-1) KM (µM) kcat (s-1) KM (µM) kcat (s-1) KM (mM) 
EcPFL 22 ± 1[a] 0.6 ± 0.1 32 ± 2[a] 79 ± 13 36 ± 2 176 ± 31 38 ± 3 49 ± 8 
Cb750 170 ± 3 7.3 ± 0.4 168 ± 7 49 ± 6 67 ± 3 229 ± 20 57 ± 2 82 ± 6 
Cb743 131 ± 6 5 ± 1 115 ± 10 156 ± 40 16 ± 3[a] 407 ± 158 45 ± 8 62 ± 29 
SmPFL 153 ± 10 21 ± 3 109 ± 3 16 ± 2 31 ± 1 51 ± 8 30 ± 1 54 ± 8 
Turnover numbers were calculated assuming full glycyl radical activation of PFL. Errors reflect standard 
deviation of three independent measurements. Michaelis-Menten graphs are shown in Figure S4. [a] 
These values were obtained with improperly activated PFL and may therefore appear too low. 
 
Next, we screened the PFL variants for activity with formyl-CoA and glycolyl-CoA, respectively, 
by incubating activated PFLs with the respective CoA ester, formate and GhrB. GhrB was 
added to increase the driving force of the reaction and to enable quantification of the produced 
glycolate and glycerate by LC-MS. Initially, no or very low product formation was observed. 
LC-MS analysis revealed that formyl-CoA and, to a lesser extent, glycolyl-CoA were unstable 
under the assay conditions (data not shown). Low CoA ester stability was also observed in the 
presence of only buffer and 0.5 mM DTT (Figure S5). Presumably, the free thiols of DTT act 
as acyl acceptors and cleave formyl-CoA and glycolyl-CoA. As established during the optimi-
zation of the activation protocol, DTT was necessary to reach high PFL activity. However, we 
reasoned that other, non-thiol containing reducing agents could give high activity without 
causing CoA ester instability. To this end, we replaced DTT with the same concentration of 
tris-(2-carboxyethyl)-phosphin (TCEP) and measured pyruvate cleavage activity. Virtually 
identical activities were obtained when using TCEP instead of DTT (Figure 3A & 3B). 
Using our improved assay conditions, we were able to detect activity with glycolyl-CoA (Figure 
3C), but not formyl-CoA. As described above, the two residues Ala273 and Tyr323 are involved 
in substrate binding. We mutated Ala273 to Gly with the rationale that a larger binding pocket 
would improve binding of glycolyl-CoA. Analogously, we created the mutation A273V for 
formyl-CoA. These mutants retained PFL activity, with the exception of SmPFL A67V (Figure 
3B), indicating that they can still be activated. The mutation A273G increased the glycolyl-CoA 
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activity in EcPFL, but not in CbPFL (Figure 3C). However, CbPFL A267G had also an 11-fold 
lower PFL activity, thus, overall this mutation caused a specificity switch towards glycolyl-CoA, 
which could be beneficial under physiological conditions.  
Glycolyl-CoA is slightly smaller than propionyl-CoA, for which TdcE shows high activity.33 With 
this rationale we narrowed TdcE’s active site by mutating Phe328 to Tyr. This mutation caused 
decreased pyruvate cleavage and glycolyl-CoA condensation activity. Thus, despite the 
successful engineering of EcPFL, wild-type TdcE remained the best enzyme for glycolyl-CoA 
condensation. We were not able detect any activity with formyl-CoA, even with the engineered 
variants.  
Figure 3. PFL engineering and assembly of the GCP. A) Pyruvate cleavage activity of PFL 
variants with DTT or TCEP as reducing agents in the activation reaction. B) Pyruvate cleavage 
activity of PFL variants with TCEP. C) Glycerate production from glycolyl-CoA and formate by the 
coupled reaction of PFL variants and GhrB. Reaction time was 1 h. D) Extracted ion counts of 
formyl-CoA and glycolate produced via the FCP pathway, comprising FCS, PFL and GhrB with 
DTT and TCEP, respectively. Glycolate was not detectable. E) Extracted ion counts of glycolyl-
CoA and glycerate produced via the GCP pathway, comprising GCS, PFL and GhrB with DTT 
and TCEP, respectively. 
 
Having identified enzymes for all three steps of the GCP, we tested the whole pathway by 
combining GCS and GhrB with PFL (TdcE, CbPFL or CbPFL A267G). Glycerate production 
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3E). As expected, glycerate yields were higher when TCEP was used instead of DTT, which 
is likely due to higher glycolyl-CoA availability (Figure 3E). These results demonstrate that the 
GCP is able to produce glycerate from glycolate and formate. With further optimizations, the 
GCP could become a viable, energy-efficient route for synthetic formate fixation. 
We also tested the FCP, but, while we observed the accumulation of formyl-CoA, no glycolate 
was detectable, owing to the inability of PFL to accept formyl-CoA. As expected, formyl-CoA 
production was ~4-fold higher in the presence of TCEP compared to DTT (Figure 3D), 
confirming that DTT drains CoA ester pools in vitro. 
 
4.3 Discussion 
We propose two energy-efficient synthetic formate fixation pathways: FCP and GCP. We 
screened and engineered enzymes for the missing steps, i.e. (1) activation of formate and 
glycolate, (2) C-C bond formation between formate and formyl-CoA/glycolyl-CoA. As a proof 
of principle, formate fixation through the GCP was demonstrated in vitro. 
The GCP converts the C2 compound glycolate into the C3 compound D-glycerate with formate 
as C1 source. Similarly, the photorespiration pathway synthesizes D-glycerate from two 
glycolate molecules. However, the release of previously fixed CO2 during photorespiration 
reduces the efficiency of photosynthesis and eventually crop yield. The GCP on the other hand 
is formate-fixing, i.e. carbon positive. Recently, a carbon positive, synthetic photorespiration 
bypass was established in vitro, the tartronyl-CoA pathway (TaCoP).36 The TaCoP features an 
engineered glycolyl-CoA carboxylase (GCC) that extends glycolyl-CoA with CO2 (coming from 
bicarbonate) to tartronyl-CoA, which is subsequently reduced to D-glycerate. Thus, the GCP 
and the TaCoP are very similar, essentially only differing in the C1 source. The use of formate 
could be advantageous because it prevents the competition between a carboxylase and 
Rubisco for CO2 or bicarbonate. Note that formate is present in chloroplasts of higher plants.
44 
However, oxygen-tolerance of PFL (or TdcE) would have to be evolved. 
Previously, by examining underground isoleucine biosynthesis in E. coli we were able to show 
that TdcE synthesizes 2-ketobutyrate when propionate is present.33 Similarly, TdcE could form 
hydroxypyruvate if glycolate becomes available. Yet, this requires conversion of glycolate into 
glycolyl-CoA and there is no evidence that glycolyl-CoA occurs in any natural metabolic path-
way. Nevertheless, it is possible that PFL-based glycolate assimilation is naturally occurring. 
Why is PFL unable to accept formyl-CoA as substrate? In the first reaction step, a formyl-
cysteine intermediate is formed by transacylation of formyl-CoA. Formyl-CoA is inherently un-
stable, particularly in the presence of free thiols, such as DTT (Figure S4). Presumably, the 
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formyl-cysteine intermediate is of similar or even lower stability and degrades before subse-
quent C-C bond formation can take place. 
Even though the FCP could not be established because no PFL variant with the required 
activity could be found, the development of formate-activating FCS might prove useful. FCS 
could enable other synthetic C1 fixation pathways, for instance the formolase pathway38 or 
pathways based on 2-hydroxyacyl-CoA lyase (HACL). HACL catalyzes the acyloin condensa-
tion of formyl-CoA with a broad range of aldehydes, including formaldehyde.45, 46 Combining 
FCS and HACL would create a synthetic pathway that converts formate and formaldehyde to 
glycolyl-CoA, very similar to the proposed FCP. Notably, this pathway does not require 
anaerobic conditions, because HACL is completely oxygen insensitive. Thus, FCS is a valua-
ble addition to the growing toolbox of C1 fixation enzymes.  
Our study highlights the potential of combining enzyme and metabolic engineering in creating 
artificial, tailor-made metabolic pathways. Synthetic formate fixation pathways could pave the 
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4.4 Materials and Methods 
Chemicals 
Chemicals were obtained from Sigma-Aldrich (Munich, Germany) and Carl Roth GmbH 
(Karlsruhe, Germany). Coenzyme A was obtained from Roche Diagnostics Deutschland 
GmBH (Mannheim, Germany). Biochemicals, commercially available proteins and materials 
for cloning and protein production were obtained from Thermo Fisher Scientific (St. Leon-Rot, 
Germany), New England Biolabs GmbH (Frankfurt am Main, Germany) and Macherey-Nagel 
GmbH (Düren, Germany). Primers and synthesized genes were obtained from Eurofins MWG 
GmbH (Ebersberg, Germany). Materials and equipment for protein purification were obtained 
from GE Healthcare (Freiburg, Germany), BioRad (Munich, Germany) and Merck Millipore 
GmbH (Schwalbach, Germany). 
 
Synthesis of CoA-thioesters 
CoA esters were synthesized as described previously. In short, acetyl-CoA was synthesized 
via acetic anhydride,47 formyl-CoA via formylthiophenol46 and glycolyl-CoA using 
carbodiimidazole coupling.47, 48 
The concentrations of CoA esters were quantified by absorption at 260 nm 
(ε = 16.4 mM-1 cm-1) and depletion using 2 µM CoA-dependent propionaldehyde 
dehydrogenase PduP in an assay containing 200 µM NADH, 100 mM Tris-HCl (pH 7.0) and 
approximately 50 µM CoA ester. 
 
Cloning and site-directed mutagenesis 
Oligonucleotides were synthesized by Eurofins Genomics (Ebersbach, Germany). For 
purification, preparation, cloning, transformation and amplification of DNA, standard protocols 
by the supplier were used. The overexpression plasmids for EcAE, EcPFL, TdcE and GhrB 
were obtained from the ASKA collection.49 The overexpression plasmids for CbAE, SmAE, 
Cb750, Cb743 and SmPFL were codon optimized (Table S2) and synthesized by Eurofins 
Genomics (Ebersberg, Germany). Point mutations were introduced by site-directed 
mutagenesis. Plasmids and primers used for site-directed mutagenesis are listed in Table S1. 
A 50 µL PCR reaction contained 60 ng of template plasmid, 0.25 µM forward and reverse 
primer, 200 µM dNTP, 5 µL 10x reaction buffer and 1 µL Phusion® High-Fidelity DNA 
Polymerase (2 U/µL). PCR was performed in 35 cycles, including denaturation for 30 s at 98 
°C, annealing for 30 s at 65 °C and chain elongation for 4.5 min at 72 °C. Template plasmid 
was removed by DpnI digest (10 U) at 37 °C. Mutated plasmids were confirmed by sequencing.  
 
Protein production and purification 
EcPFL and TdcE and mutants thereof were produced in E. coli SIJ488 ΔpflA ΔpflB ΔtdcE, FCS 
was produced in E. coli BL21-AI ΔpatZ,36 all other proteins were produced in E. coli BL21(DE3). 
Cells were transformed with the expression plasmid and grown overnight on LB agar plates 
containing the appropriate antibiotic. Terrific broth (TB) containing 100 µg/mL ampicillin (CbAE, 
SmAE, Cb743, Cb750, SmPFL, EryACS) or 34 µg/mL chloramphenicol (EcAE, EcPFL, TdcE, 
GhrB) was inoculated with the freshly transformed cells and aerobically incubated at 37 °C. 
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After reaching an OD600 of 0.8 expression was induced by adding IPTG to a final concentration 
of 0.5 mM. The protein was produced aerobically at 25°C for 16 hours. Cells were pelleted by 
centrifugation at 4.500x g for 15 minutes and resuspended in Buffer A (50 mM HEPES-KOH 
pH 7.8, 500 mM KCl). Cells were lysed by sonication and the lysate was clarified by 
centrifugation at 37.000x g at 4°C for 45 minutes. The supernatant was filtered through a 
0.45 µm syringe tip filter (Sarstedt) and loaded onto a 1 mL HisTrap FF column (GE 
Healthcare, Freiburg, Germany). After loading, the column was washed with Buffer A 
containing 75 mM imidazole and protein was then eluted with Buffer A containing 500 mM 
imidazole and desalted using a HiTrap 5 ml Desalting column (GE Healthcare, Freiburg, 
Germany) in 50 mM HEPES-KOH pH 7.8, 150 mM KCl. Elution fractions were concentrated 
on Amicon Ultra-4 centrifugal filters (Merck Millipore, Darmstadt, Germany). Purified proteins 
were flash frozen in liquid nitrogen and stored at -80°C. Protein concentration was determined 
on a Nanodrop 2000 (Thermo Scientific, St. Leon-Rot, Germany), using the calculated 
extinction coefficient (calculated with protparam; https://web.expasy.org/protparam). 
 
Activity assay of acyl-CoA synthetases 
Acyl-CoA synthetase activities were determined via a coupled spectrophotometric assay by 
measuring the production of AMP. Herein produced AMP is phosphorylated twice using 
adenylate kinase and pyruvate kinase. The created pyruvate is subsequently reduced to 
lactate by an NADH-dependent lactate dehydrogenase. Reaction procedure was monitored by 
following the oxidation of NADH at 340 nm. The assay was performed at 30 °C and contained 
100 mM MOPS-KOH pH 7.8, 0.3 mM NADH, 5 mM MgCl2, 2.5 mM ATP, 0.5 mM CoA, 2.5 mM 
phosphoenol pyruvate, 200 µg mL-1 adenylate kinase, 15 U mL-1 pyruvate kinase, 23 U mL-1 
lactate dehydrogenase and the ACS variant. After 2 min preincubation, the reaction was 
initiated by adding formate or acetate. 
 
General anaerobic stock handling and storage 
All anaerobic steps were performed in an anaerobic glovebox (Coy Laboratories) under a N2 
atmosphere containing 3% to 3.5% H2. Residual O2 was removed by palladium catalysts. O2 
concentration was monitored and maintained below 5 ppm at all times. All stocks were 
prepared under anaerobic conditions or prepared outside of the glovebox and equilibrated for 
at least 3 h inside the glovebox. Dithionite and DTT stocks were freshly prepared under 
anaerobic conditions each day. 
 
Iron-sulfur cluster reconstitution  
For all AEs, [4Fe-4S] cluster reconstitution was performed as described previously for EcAE.33, 
50 All steps were performed anaerobically. UV-Vis spectra were recorded before and after 
reconstitution with a Cary 4000 UV-Vis spectrometer (Agilent Technologies) using a 
FiberMate2TM Fiber Optic Coupler (Harrick Scientific Products) with a path length of 1 cm 
(Figure 2). The reconstituted AEs were aliquoted in rubber stoppered HPLC vials, flash frozen 
in liquid nitrogen and stored at -80 °C until further use. 
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Optimized activation assay of PFL 
To activate PFL in vitro, 10 µM reconstituted activating enzyme was incubated with 100 mM 
Tris-HCl (pH 7.5), 50 mM KCl, 10 mM DTT, 50 mM sodium oxamate and 50 µM S-Adenosyl 
methionine for 10 minutes. 1 µM pyruvate formate-lyase and 25 µM sodium dithionite were 
added to start the activation. The activation was incubated at 30 °C for 30-60 minutes, and 
then placed on ice. To follow the activation state of PFL during the activation assay, PFL was 
diluted into the activity assay for the forward reaction as described below.  
 
Activity assay of PFL forward reaction 
The pyruvate cleavage activity was determined in an anaerobic chamber at 30°C in 460 µl of 
100 mM Tris-HCl (pH 7.5) buffer containing 50 mM KCl, 10 mM malate, 1 mM NAD+, 40 mM 
pyruvate, 4.5 U/ml citrate synthase from porcine heart (Sigma-Aldrich), 27.5 U/ml malate 
dehydrogenase from porcine hearth (Sigma-Aldrich), 300 µM CoA and 1:100 diluted activation 
assay. The activation assay was used to start the reaction. The reduction of NAD+ was 
observed at 340 nm (Δε = 6.22 mM-1 cm-1) with a Cary 4000 UV-Vis spectrometer (Agilent 
Technologies GmbH, Waldbronn, Germany) using a FiberMate2TM Fiber Optic Coupler (Harrick 
Scientific Products Inc., Pleasantville, NY, USA) with a path length of 1 cm.  
 
Activity assay of PFL reverse reaction 
The reverse reaction activity was determined in an anaerobic chamber at 30°C in 460 µl of 100 
mM Tris-HCl (pH 7.5) buffer containing 50 mM KCl, 1 mM acetyl-CoA, 0.15 mM NADH, 300 
mM sodium formate, 20 U/ml L-lactate dehydrogenase from rabbit muscle (Sigma-Aldrich) and 
1:50 diluted activation assay. The activation assay was used to start the reaction. The 
consumption of NADH was observed at 340 nm (Δε = 6.22 mM-1 cm-1) with a Cary 4000 UV-
Vis spectrometer (Agilent Technologies GmbH, Waldbronn, Germany) using a FiberMate2TM 
Fiber Optic Coupler (Harrick Scientific Products Inc., Pleasantville, NY, USA) with a path length 
of 1 cm.  
 
Cross-activation assays 
To test for cross-activation between AE and PFL combinations from different organisms, the 
forward PFL reaction was quantified as described above, with slight adaptations. One PFL 
orthologue was investigated at a time. In three separate optimized activation assays 1 µM of 
the PFL of interest was activated by 10 µM AE from E. coli, C. butyricum and S. mutans, 
respectively. Activation time curves of all three reactions were done as described above. To 
quantify the degree of activation, the activity of the non-natural PFL – AE interactions was 
compared to the natural PFL – AE pair. Each activation time curve was done in triplicates. 
 
Determination of steady-state kinetics 
All Michaelis-Menten kinetic measurements were done in triplicate. GraphPad Prism 9 was 
used for Michaelis-Menten parameter calculation and fitting. PFL kinetic parameters take the 
enzymes half-of-the-sites reactivity into account.51  
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Activity assay of PFL with formyl-CoA and glycolyl-CoA 
PFL was activated as described above, except that 10 mM TCEP was used instead of DTT 
and PFL and AE concentrations were doubled, i.e. final concentration in the activation reaction 
was 2 µM and 20 µM, respectively. Activity with formyl-CoA and glycolyl-CoA was determined 
at 30 °C in a reaction containing 100 mM Tris-HCl (pH 7.5), 50 mM KCl, 100 mM sodium 
formate, 2 mM NADPH, 5 µM GhrB and 1 mM formyl-CoA or glycolyl-CoA. The reactions were 
started by addition of the activation assay in two-fold dilution, i.e. the final PFL concentration 
was 1 µM. The reaction was quenched in a final concentration of 5% formic acid and analyzed 
for glycolate and glycerate using the method described below. 
 
Testing full FCP and GCP  
Functionality of the FCP and GCP was tested anaerobically at 30 °C. PFL was activated as 
described above, except that 10 mM TCEP was used instead of DTT and PFL and AE 
concentrations were doubled, i.e. final concentration in the activation reaction was 2 µM and 
20 µM, respectively. The reactions contained 100 mM Tris-HCl (pH 7.5), 50 mM KCl, 10 mM 
MgCl2, 100 mM sodium formate, 2 mM NADPH, 10 mM ATP, 0.5 mM CoA, 5 µM GhrB, 5 µM 
FCS or GCS, and 50 mM glycolate (only for the GCP). The reactions were started by addition 
of the activation assay in two-fold dilution, i.e. the final PFL concentration was 1 µM. The 
reaction was quenched in a final concentration of 5% formic acid and analyzed for glycolate, 
glycerate and CoA esters using the methods described below. 
 
UPLC-high resolution MS of glycolate, glycerate and CoA esters 
Quenched samples were spun down at 17,000x g, 4 °C for 10 minutes to remove precipitated 
proteins. For CoA ester detection, samples were diluted 1:10. LC-MS analysis of CoA esters 
was done using an Agilent 6550 iFunnel Q-TOF LC-MS system as described previously.52 
For the detection of glycolate and glycerate, samples were diluted 1:1000. Quantitative 
determination of Glycolate and Glycerate was performed using a HRES-LC-MS. The 
chromatographic separation was performed on an Thermo Scientific Integrion HPLC System 
quipped with a EGC 500 KOH eluent generator, a Dionex CR-ATC 600 trap column, and a 
Dionex ADRS 600 suppressor operated at a constant currant of 95 mA, using a Dionex IonPac 
AS11-HC-4µm column (150 x 2mm, Thermo Scientific) equipped with a 50 X 2 mm guard 
column of similar specificity (Thermo Scientific) at a constant eluent flow rate of 0.38 ml/min 
and an constant regenerater flow rate of 0.76 ml/min, and a column temperature of 30 °C. The 
injection volume was 1 µl. Automatic sample injection was done via a Thermo Scientific ASAP 
sampler. The automatically generated elution profile consisted of the following steps and linear 
gradients: 0 – 5 min constant at 5 mM KOH; 5 – 7 min from 5 to 100 mM KOH; 7 – 8 min 
constant at 100 mM KOH; 8 – 8.1 min from 100 to 5 mM KOH; 8.1 – 10 min constant at 5 mM. 
A Thermo Scientific ID-X Orbitrap mass spectrometer was used in negative mode with an 
electrospray ionization source and the following conditions: ESI spray voltage 3300 V, sheath 
gas at 50 arbitrary units, auxiliary gas at 15 arbitrary units, sweep gas at 5 arbitrary units, ion 
transfer tube temperature at 300 °C and vaporizer temperature at 350 °C. Compounds were 
detected in a targeted mode and identified based on their exact mass with a mass window of 
3 ppm and retention time compared to standards. Extracted ion chromatograms of the [M-H]- 
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forms were integrated using Tracefinder software (Thermo Scientific). Absolute concentrations 
were calculated based on an external calibration curve. 
 
Phlyogenetic analysis 
PFL protein sequences were obtained by a BLAST search with EcPFL as input. Sequences 
not containing the Cys-Cys active site motif were excluded. Multiple sequence alignment and 
phylogenetic tree were generated using MEGA 6.53  
 
Table S1. List of all site-directed mutagenesis primers used in this study 




























Table S3. Codon-Optimized gene sequences. Restriction sites are underlined. 
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4.6 Supplementary Figures 
 
Figure S1. Active site homology model for acetyl-CoA synthetase 1 of Erythrobacter sp. NAP1 (EryACS) 
based on the crystal structure of an acetyl-CoA synthetase from Cryptococcus neoformans (PDB ID 5K8F). 
The acetyl-AMP is shown in yellow. Distances are given in Å. Replacing Thr304 or Val379 with bulkier 
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Figure S2. Michaelis-Menten graphs of EcACS, EryACS and mutants thereof with formate and acetate, 
respectively, as substrate. Error bars show standard deviation of three replicates. 
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Figure S3. Multiple sequence alignment of PFLs. Relevant active site residues are labelled (numbering 
corresponds to EcPFL). Cys-Cys motif in yellow, the radical harboring glycine in red and the four non-
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Figure S4. Michaelis-Menten graphs of PFLs with pyruvate, CoA, acetyl-CoA amd formate. Error bars show 
standard deviation of three replicates. 
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Figure S5. Stability of formyl-CoA and glycolyl-CoA in the presence of 0.5 mM dithiothreitol (DTT).  
 
 















































5 General discussion 
The central aim of this thesis was to expand the repertoire of enzymatic C1 carboligation 
reactions, in particular C-C bond formations with a C1 nucleophile or radical. As lined out in the 
INTRODUCTION these reactivities are rarely employed by enzymes and filling in this gap could give 
rise to new biocatalytic transformations and synthetic carbon fixation pathways. Ultimately, novel 
C1 fixation enzymes could contribute to a sustainable, circular bioeconomy. The results presented 
in this thesis add 4 new examples of enzymatic C-C bond formation. These are briefly discussed 
below, with a special focus on their potential contribution to a sustainable bioeconomy. 
1. C1 elongation of aldehydes Cn + C1 = Cn+1 
CHAPTER I describes the repurposing and engineering of oxalyl-CoA decarboxylase (OXC) 
as a carboligase. OXC, with the help of the cofactor thiamine diphosphate (ThDP), usually 
breaks a C-C bond by decarboxylating oxalyl-CoA.1 During catalysis, a nucleophilic 
carbanion/enamine intermediate forms that is protonated and released as formyl-CoA.2 Here, 
it was shown that this intermediate can also undergo C-C bond formation with an aldehyde, 
producing a 2-hydroxyacyl-CoA ester. A single point mutation in the active site shifted the 
competing reactions of protonation and carboligation in favor of the latter by a factor of 400. 
This variant in combination with an oxalyl-CoA ligase and a thioesterase enabled the C1 
elongation of aldehydes, giving rise to enantiopure aromatic α-hydroxy acids. 
Clearly, this example is not directly relevant to the goal of lowering atmospheric CO2 because 
the C1 unit comes from oxalate and the reaction actually releases CO2. It nevertheless is a 
valuable addition to the C-C bond formation toolbox, as it enables the synthesis of important 
chiral building blocks under mild conditions with cheap starting materials. Moreover, unlike 
most other mandelic acid syntheses, OXC does not rely on toxic cyanide. By adapting this 
method to a whole-cell biocatalyst (with glucose providing ATP), this could become a 
sustainable and safe option for the asymmetric synthesis of α-hydroxy acids. 
2. Carboxylation of formyl-CoA C1 + C1 = C2 
CHAPTER II demonstrates that OXC can catalyze the reverse reaction, that is, the 
carboxylation of formyl-CoA. The carboxylation of an activated C1 compound resembles the 
reactions catalyzed by acetyl-CoA synthase/CO dehydrogenase (ACS/CODH)3 and the 
glycine cleavage system (GCS),4 thus, reverse OXC provides a promising CO2-utilizing C1-




requirement for high concentrations of CO2 and formyl-CoA, as well as two NADPH-
consuming coupling enzymes make this a rather academic example. Still, if the CO2 affinity 
could be improved and the carboxylation reaction could directly be coupled to formyl-CoA 
production, this could become a structurally simple alternative to the complex enzymes 
ACS/CODH and GCS. 
Our group has recently elucidated the principles of CO2 binding in CCR.
5 This knowledge 
enabled rational engineering of a related reductase into a carboxylase.6 It would be 
interesting to see if these principles could also serve as a guideline to build a CO2-binding 
pocket into the unrelated OXC. Not only would this increase OXC’s carboxylation activity, it 
would also show that the principles of CO2 binding are broadly applicable to create novel 
carboxylases. 
3. Condensation of formyl-CoA and formaldehyde C1 + C1 = C2 
CHAPTER II describes the OXC-catalyzed C1-C1 condensation of formyl-CoA and 
formaldehyde to glycolyl-CoA. Directed evolution improved the catalytic efficiency by a factor 
of ~200, resulting in an artificial formaldehyde-fixing enzyme (MeOXC4) that is comparable 
to natural ones. The high productivity in a whole-cell context indicates that MeOXC4 is a 
promising enzyme for synthetic C1 fixation pathways. 
Notably, MeOXC4 also extends glycolaldehyde into glyceryl-CoA. As previously reported,7 
the CoA-acylating aldehyde dehydrogenase PduP reduces glycolyl-CoA to glycolaldehyde 
and preliminary results from this work showed that formyl-CoA and glyceryl-CoA are also 
reduced to formaldehyde and glyceraldehyde, respectively. The combination of MeOXC4 and 
PduP could therefore enable an iterative pathway to synthesize a three-carbon compound 
from three formaldehyde molecules, the iterative OXC/PduP pathway (iOP; Figure 1). 
Addition of formyl-CoA synthetase (FCS; see CHAPTER III) could further extend the pathway 
to utilize formate as C1 source. Overall, this pathway is very similar to the formolase pathway, 
which compares favorably with the nine naturally occurring C1 fixation pathways, in particular 
with respect to the number of reaction steps and chemical driving force.8 The only differences 
between the iOP and the formolase pathway are the final product and the use of C1 units; 
the latter uses three formaldehydes to synthesize dihydroxyacetone, whereas the iOP 
converts two formyl-CoA and one formaldehyde to glyceraldehyde (Figure 1). 
Glyceraldehyde can be phosphorylated and enter glycolysis as D-glyceraldehyde 3-




not known, however, kinases for both stereoisomers of glyceraldehyde have been 
described.9, 10  
The lower dependence of the iOP on toxic formaldehyde could prove advantageous in vivo. 
In addition, MeOXC4 exhibits an 80-fold higher kcat/KM with formaldehyde than formolase. In 
conclusion, the successful engineering of MeOXC4 could pave the way for a new-to-nature 
C1 + C1 + C1 = C3 pathway, and eventually synthetic formatotrophic growth, which has not 
yet been achieved with the formolase pathway, despite extensive efforts.8 
 
Figure 1. Comparison of the formolase and the iOP pathway. Enzymes for each step are 
given in bold. Arrows are colour coded: blue, formate activation; pink, CoA ester reduction; green, 
C-C bond formation. The overall reaction equation and Gibbs free energy under physiological 
conditions (calculated using eQuilibrator11) are shown below. A) The linear formolase pathway 
condenses three formaldehyde molecules into dihydroxyacetone.8 B) The proposed iterative 
OXC/PduP pathway is based on two consecutive C1 extensions by MeOXC4 and three CoA ester 




3 formate + 3 ATP + 3 NADH = 
glyceraldehyde + 3 AMP + 3 NAD+
3 formate + 3 ATP + 3 NADH = 
dihydroxyacetone + 3 AMP + 3 NAD+
ΔrG'
m = -68.4  8.7 kJ/molΔrG'
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4. Condensation of glycolyl-CoA and formate Cn + C1 = Cn+1 
In CHAPTER III it was demonstrated that pyruvate formate-lyase (PFL) catalyzes the 
condensation of glycolyl-CoA and formate to hydroxypyruvate. In combination with glycolyl-
CoA synthetase and hydroxypyruvate reductase, this enabled a pathway for the conversion 
of glycolate and formate to D-glycerate. As discussed in CHAPTER III, this reaction sequence 
is a potential carbon-positive photorespiration bypass that utilizes formate instead of CO2. 
However, the oxygen sensitivity of PFL will make the implementation into photosynthetic 
organisms, especially plants, challenging. One way this problem could be tackled is to 
localize PFL in the mitochondria, where oxygen concentration can be as low as 0.1 µM, owing 
to the high respiration rate.12 There is also some evidence that PFL is active in yeast under 
aerobic conditions when coexpressed with flavodoxin.13 Also beneficial could be the 
coexpression of YfiD, which is a small protein that can replace the C-terminal domain of 
oxygen-damaged PFL.14, 15 
Another potential application of this reaction is to combine it with the glycolyl-CoA synthase 
MeOXC4 (see Chapter II). Similarly to the iOP described above, this would constitute a 
pathway that converts three molecules of formate to a three carbon compound. Only 2 
NAD(P)H are required, because the final product glycerate is more oxidized than 
glyceraldehyde. D-glycerate can be phosphorylated and enter glycolysis as 2- or 3-
phosphoglycerate. 
 
Figure 2. A proposed a pathway comprising of enzymes from all three CHAPTERS of this thesis. 
Enzymes for each step are given in bold. Arrows are colour coded: blue, formate activation; pink, 
reduction; green, C-C bond formation. The overall reaction equation and Gibbs free energy under 












3 formate + 2 ATP + 2 NAD(P)H = 
D-glycerate + 2 AMP + 2 NAD(P)+
ΔrG'




Overall, in this thesis more than 20 enzymes from 10 different organisms were screened, 
characterized or engineered. Combinations of these enzymes to in vitro cascades gave rise to 
the four above-mentioned novel C1 fixation routes. The physiological background of the enzymes 
used are very diverse and not all are intuitively linked to carbon fixation. For instance, OXC has 
mostly been studied due its medical relevance. It is a key enzyme of the oxalate degradation by 
Oxalobacter formigenes in the human gastrointestinal tract16 and patients with deficiency of this 
bacterium are more likely to develop kidney stones.17 This exemplifies the power of mix-and-
match biochemistry: by taking enzymes out of their natural context and combining them it is 
possible to create new biocatalytic syntheses and synthetic metabolism.18 Moreover, this is a 
testament to the importance of studying enzymes from any origin and metabolic context - they 
may be of unexpected use in the future. The fact that new enzymes are still being discovered with 
high frequency suggests that we have only seen the tip of the iceberg in enzymatic activity. Thus, 
the perfect C-C bond-forming enzyme might exist, we just haven’t found it yet.  
Conversely, engineering new metabolism can also assist in identifying naturally existing, yet 
elusive metabolic pathways. The history of the reductive glycine pathway nicely highlights this. In 
2013, Bar-Even and colleagues proposed that this (then considered synthetic) pathway could 
support efficient growth on C1 substrates.19 Four years later, some evidence was found that the 
reductive glycine pathway could be the seventh natural CO2 fixation pathway.
20 Even though 
biochemical validation is still lacking, this shows that synthetic pathways can guide the 
identification of yet unknown natural pathways. A few months after this discovery, two groups 
(one of them led by A. Bar-Even) independently reported the engineering of E. coli to assimilate 
carbon via the reductive glycine pathway21, 22 Along these lines, it seems possible that natural C1 
fixation pathways exist that are based on Umpolung of formyl-CoA by a HACL-like enzyme or on 
generation of a formyl radical by a PFL-like enzyme. The existence of a 2-hydroxyisobutyryl-CoA 
lyase that condenses formyl-CoA with acetone in the acetone degradation pathway of 
Desulfobacteraceae lends support to this hypothesis.23 
 
This work is entirely based on cell-free in vitro studies. While this approach offers many 
advantages, notably the rapid testing of enzyme combinations and reaction conditions,24 the 
ultimate goal of the synthetic metabolism community is to establish growth-supporting carbon 
fixation pathways in a living cell. Despite great advances in metabolic engineering, the 
implementation of synthetic metabolism into living organisms is still challenging. This is in 




of carbon metabolism.25 Nevertheless, the last two years have witnessed a veritable surge in 
engineered growth on C1 feedstocks. Six seminal studies reported successfully established 
growth on a C1 compound as sole carbon and energy source: E. coli and Pichia pastoris on CO2 
via the Calvin-Benson-Bassham cycle,26, 27 E. coli and Cupriavidus necator on formate and CO2 
via the reductive glycine pathway,28-30 and E. coli on methanol via the ribulose monophosphate 
pathway.31 In all these examples, introducing the genes of the naturally occurring C1 pathways 
initially failed to create the carbon fixation phenotype. Only after extensive laboratory evolution 
the strains were able to grow on C1 compounds as sole carbon source.  
Considering that transplantation of natural pathways is still difficult, the implementation of syn-
thetic pathways based on promiscuous and/or engineered enzymes will likely require even greater 
efforts. However, living organisms also offer the eminent advantage that enzyme activity can 
directly be linked to growth. A recent example demonstrates how synthetic carbon assimilation 
pathways could be established in vivo.32 Auxotrophic E. coli strains were developed that depend 
on the activity of the enzyme of interest for growth. These strains were then used to screen 
enzyme variants and two aldolases were found to have promiscuous activity with formaldehyde.32 
Strains like these could also be used to evolve engineered or designed enzymes towards 
improved activity. Once sufficient activity is reached, the whole pathway can be assembled.33 By 
smart strain design, the amount of carbon that has to fixed via a pathway can be precisely 
controlled. In this way the selection stringency can be fine-tuned so that growth at low initial 
enzyme or pathway activity is possible. Incrementally increasing the selection pressure could 
ultimately lead to engineered growth via a synthetic pathway. 
Clearly, there are major challenges left on the way to a carbon-neutral economy fueled by 
biological carbon fixation. However, recent progress and the work presented in this thesis indicate 
that synthetic metabolism and enzyme engineering harbor great potential in achieving this goal. 
It can therefore be anticipated that enzymes, and C-C bond forming ones in particular may 
become as valuable as diamonds in addressing the challenges of the 21st century. They may 
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